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ABSTRACT

Carbon and Nitrogen Dynamics for a Lagoon Salt Marsh in Davenport California
by
Mark D. Gormley

Advisor: Zhongqi Cheng
Wetlands are complex environments that play a critical role in regulating the global
biogeochemical cycle of carbon (C) and nitrogen (N). Wetlands are critical contributors to global
climate change and atmospheric chemistry since they store as much as 33% of the world’s soil
organic carbon (SOC), release more than 20% of the atmospheric methane (CH4), and produce
nitrous oxide (N2O), an extremely potent greenhouse gas (GHG). Despite the enormous radiative
forcing potential of carbon dioxide (CO2), CH4 and N2O derived from wetlands, uncertainties
over the rates of C sequestration and GHG production persist. Here we present data on the
carbon accretion rates (CAR), carbon stocks, GHG production and N cycling for a lagoon salt
marsh system in California. I quantified C and N stocks, CAR, and CO2, CH4, and N2O efflux
during a 32-day incubation experiment, in Scott’s Creek Marsh, a lagoon salt marsh system in
California, with a focus on variation with the halophytic plant community within the marsh.
Scott’s Creek Marsh’s C pool of 305.77 Mg C ha-1 is high relative to other studied salt
marshes, with significant variation in halophytic zones. Zones dominated by Typha latifolia, an
exotic, invasive plant had the highest %C (4.68%), C density (0.069 g cm-3), total C (347.3 Mg C
hectare-1) and CAR (195.8 g C m-2 yr-1). The average CAR for SCM, 157.81 ± 9.23 g C m-2 yr -1
was low compared to other studied salt marshes along the Pacific coast of the United States
iv

(173.6 g C m-2 yr -1) and globally (244.7). However, it is important to note that our study did not
include the O horizon of the soils and the soils are not saturated year-round. There is a clear need
for further study of the dynamics of Typha invasion and its effects on salt marsh C and N
dynamics.
Hydrology, which controls oxidized versus reduced soil conditions is a clear driver of C and N
dynamics in these salt marshes. The 32-day incubation revealed a significant difference in the
amount of CO2 respired under oxidized and reduced soil conditions; however, the type of
halophytic zones did not significantly influence CO2 production. Flooding the soils reduced the
rate of respired C-CO2 by 30.51% (Distichlis), 53.76% (Juncus), and 50.47% (Typha),
respectively. Our data revealed no significant differences (P > 0.05) in methane efflux between
treatments (oxidized vs. reduced) and all three halophytic zones. Based on our annual methane
efflux data, it appears that C-CH4 does not constitute a large portion of the soil carbon. The CCH4 efflux comprised less than 0.01% of the initial carbon.
The N2O concentrations did not significantly differed between zones but did so based on
treatment, with oxidized samples producing significantly more N2O than reduced. The
nitrification variation between reduced and oxidized samples was significant based on our
statistical analyses (P < 0.001). Nitrification among the oxidized samples based on our
calculations would constitute a total per annual basis of 5.71% of the N stock. Regression
analyses indicated there was a direct relationship between mineralization and nitrification for the
oxidized samples during the incubation (R2 = 0.99, P < 0.001).
This study provided novel and important information on an important ecosystem type that is
affected by multiple components of global environmental change that influences plant
community composition and hydrologic conditions. The information will increase our ability to
v

understand and manage these ecosystems to achieve environmental goals related to climate
change, water and air quality, and biodiversity.
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CHAPTER 1
INTRODUCTION
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Since pre-industrial times (1750), the use of fossil fuels and land-use change has
increased the global atmospheric concentrations of carbon dioxide (CO2) from 278 (± 2) to 405
ppm (± 0.16) (IPCC, 2013). During the same period, methane (CH4) and nitrous oxide (N2O)
concentration have increased in the atmosphere from 722 (± 25) to 1803 (± 1.2) ppb and 270 (±
7) to 324 ((± 0.1) ppb, respectively (IPCC, 2013). The increased radiative forcing due to the
unprecedented increase in global atmospheric greenhouse gas (GHG) concentrations has already
led to a rapid increase in global surface temperatures (global warming), sea-level rise, and ocean
acidification (IPCC, 2013). Failure to control and reduce atmospheric GHG concentrations will
only exacerbate existing problems while creating new challenges (IPCC, 2013). Conducting
research that investigates ways to sequester carbon (C) and reduce the emissions of N2O is now
paramount.
Wetlands play an important role in global C and GHG dynamics. Characteristically
anoxic, wetland soils have a critical role in the atmosphere's radiative budget by significantly
limiting C exchange from the lithosphere to the atmosphere. Although wetlands only cover
approximately 6% (Zhang et al., 2016) of the Earth’s land surface, they store as much as 33% of
the world’s soil organic carbon (SOC) (Gorham, 1991; Lal, 2008) and produce more than 20% of
the atmospheric CH4 (Schlesinger, 2013).
Coastal wetlands are ideal C and nitrogen (N) sinks because the abundance of sulfates in
coastal soils catalyzes alternative metabolic pathways that link the cycling of C with that of
nitrate, manganese, iron, and sulfate (Schlesinger, 2013). The activity of sulfate-reducing
microbes hinders CO2, CH4, and N2O production and minimizes C solubilization (Schlesinger,
2013; Boye et al., 2017). Coastal wetlands are so efficient and effective that they can sequester C
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for centuries to millennia and mitigate the production of N2O (Boye et al., 2017; Duarte et al.,
2005).
Despite more interest and progress, there is a sense of urgency to better understand these
systems due to the unprecedented rate of coastal wetland loss (Barbier et al., 2011) and
deficiencies related to salt marsh C and N data. The fact that coastal wetlands are incredibly
diverse ecosystems with complex geochemical cycles, hydrologic regimes, and geomorphologies
has made collecting standardized data difficult (Bai et al., 2016). Over the last two decades, most
wetland research has focused on freshwater systems, further limiting our understanding of
coastal soil dynamics (Chmura et al., 2011). Currently, there is even less data on restored or
constructed coastal wetlands. The deficiencies in coastal wetland data have resulted in the over
or underestimations of their soil organic C and N stocks, uncertainties over C sequestration rates,
and an inability to reach a consensus on if coastal wetlands are indeed a sink or a (Bai et al.,
2016; Ouyang and Lee, 2014). Therefore, it is necessary to investigate C and N cycling on
natural and created coastal wetland soils. In doing so, our knowledge will grow so we may
conserve, utilize, or create coastal wetlands to successfully sequester C and N long term (Bai et
al., 2016). Failure to do so could have dire consequences on the radiative budget of the Earth’s
atmosphere and other valuable ecosystem services these wetlands provide (Mitch and Mander,
2018).
Scotts Creek Marsh (SCM) is a coastal salt marsh located on Swanton Pacific Ranch in
Davenport, CA, approximately 100 km south of San Francisco (Hayes et al., 2008). The marsh is
an ideal location to study coastal wetland C and N dynamics since 1) the study area alternates
between periods of dry (aerobic)and flooded (anaerobic) soil conditions due to the opening and
closing of the mouth of Scott’s Creek (Hayes et al., 2008), 2) SCM is a constructed wetland that
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is stable since it is protected from wave activity and 3) to date no other study has been conducted
at SCM investigating the biogeochemical cycling of C and N. The goals of our study was to 1)
investigate the C sequestration potential for three different halophytic zones in SCM, 2) quantify
the amount of C and N currently stored in the study area of SCM and 3) understand the C, and N
dynamics and 4) better understand the biogeochemical production of CO2, CH4, and N2O during
and after the lagoon phase of the marsh. The study will provide essential C and N
biogeochemical data that can be utilized in future studies and contribute to the existing
knowledge regarding constructed salt marsh soils. The data will provide researchers and
policymakers with the essential knowledge to protect and enhance this unique salt marsh
ecosystem services.

4

CHAPTER 2
THE CARBON SEQUESTRATION AND ACCRETION FOR THREE HALOPHYTIC ZONES
OF A CALIFORNIA LAGOON SALT MARSH.
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Introduction
The flux of carbon (C) from the terrestrial biosphere to the atmosphere is a critical
component of the global C cycle. Net terrestrial C flux is the difference between net primary
productivity and autotrophic and heterotrophic respiration (Schlesinger, 2013). Primary
producers transform 123 PgCyr-1 atmospheric carbon dioxide (CO2) into reduced organic C
compounds (IPCC, 2013). As primary producers die or age, a fraction of their organic
compounds are incorporated into the soil C reservoir. The exchange of C between the
atmosphere and terrestrial biosphere occurs when soil organisms consume soil C and exchange
CO2 and methane (CH4) back to the atmosphere (IPCC, 2013). Therefore, factors that influence
microbial metabolic processes, such as bioavailability of substrates and nutrients in addition to
abiotic factors such as temperature, mineralogy, and redox state of the soil, will determine the
rate and quantity of CO2 and CH4 released back to the atmosphere (Villa and Bernal, 2018).
The last two decades have seen increased interest in global C sinks as researchers look
for ways to offset the increase of atmospheric CO2 and CH4 concentrations. Most studies have
focused on the ocean and terrestrial biospheres as the major C sinks that provide a critical offset
to anthropogenic increases in atmospheric GHG (Chmura, 2011). However, researchers have
come to recognize that the biogeochemical processes occurring in coastal salt marshes allow
them to be critical and underappreciated natural C sinks (Chmura, 2011). Globally, salt marsh
ecosystems accumulate C at a rate of 245 g CO2 m-1yr-1 (Ouyang and Lee, 2014) (Figure 1), with
C burial rates ranging from 18 to 1713 gCm-2yr-1. Since salt marsh surface area ranges from
22,000 - 400,000 km2 globally, salt marshes potentially store 4.8 - 87.2 TgCyr-1 (Mcleod et al.,
2011). Thus, these ecosystems can sequester 3 - 50 times more C per unit area than that of

6

rainforests and annually have the potential to sequester approximately 0.9 - 2.6% of total
anthropogenic CO2 emissions (Murray et al., 2011).
The efficiency and effectiveness of coastal salt marshes to act as carbon sinks and store
carbon for centuries to millennia result from periodic or continuous saturation of the soil
environment with seawater. Saturated soil conditions significantly reduce the decomposition of
soil organic matter (SOM) by inhibiting the availability of oxygen (O2) for microbial metabolic
processes limiting SOM decomposition (Freeman et al., 2004a; Freeman et al., 2004b; Toberman
et al., 2008). The abundance of sulfates in seawater curtails the production of CH4 and reduces
the solubilization of C, transforming coastal marshes into C sinks (Boye et al., 2017).
Unfortunately, despite two decades of increased awareness and investigations, gaps and
deficiencies exist that prevent a better understanding of the sequestration potential salt marsh
soils.
The gaps in coastal wetland data have resulted in the over or underestimation of coastal
soil organic carbon (SOC) stocks and about rates of C sequestration (Bai et al., 2016; Ouyang
and Lee, 2014). Coastal wetlands are incredibly diverse ecosystems with complex
biogeochemical cycles, a wide range of hydrologic regimes, and various geomorphologies (Bai
et al., 2016). Additionally, many coastal wetlands have not been accurately mapped or identified
(Chmura, 2013), and few constructed or restored coastal wetlands have been investigated.
Considering that 25 - 50% of the area covered by vegetated coastal habitats has been lost over
the past 50 years (Torio and Chmura, 2013), we must further understand wetland C cycling.
Continued loss of salt marsh ecosystems could have unpredictable consequences on Earth’s
radiative budget. Therefore, it is necessary to conduct studies on various coastal wetland
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ecosystems to understand C cycling better and obtain accurate C accretion and SOC pools
(Hansen et al., 2016; Bai et al., 2016).
Measurements of carbon accretion rates (CAR) require estimates of the rate of soil or
sediment accumulation and the concentration of carbon in that soil. While measurements of C
concentration are relatively straightforward, methods for soil/sediment accretion are less
standardized. The most common method currently being used is dating with radioisotope 137Cs in
conjunction with 210Pb, particularly for studies investigating intertidal marshes (Villa and Bernal,
2018). Cesium-137 is the product of aboveground nuclear testing that started in 1954 and can be
utilized effectively to measure vertical accretion because 1) it absorbs readily to clays and
minerals, 2) low vegetative uptake, and 3) limited diffusion (DeLaune et al., 1978; Reddy and
DeLaune, 2008). The highest concentration 137Cs corresponds to the peak fall-out of 1964
(Moshiri, 1993). Often, 210Pb measurements accompany 137Cs data to validate the depth of the
1964 fall-out marker (MacKenzie et al., 2011) using the constant rate of supply (CRC) or the
constant initial concentration (CIC) techniques (Appleby and Oldfield, 1978; Oldfield and
Appleby, 1984). A study conducted by Ouyang and Lee in 2014 found that out of 4939 studies,
3160 (~64%) employed radionuclide (137Cs and 210Pb) to obtain CAR, and this is the approach
we took in this study.
Here we investigated C sequestration in Scotts Creek Marsh (SCM), a California coastal
salt marsh affected by multiple human and natural factors (Figure 1). The marsh is an ideal
location to study coastal wetland C accretion rates and sequestration for several reasons. SCM is
an anthropogenically enhanced salt marsh whose area was incidentally increased by road
construction. The system has developed into a lagoon salt marsh with recognizable halophyte
zonation (Figure 2). During the driest months of the year, decreased flow rates of Scotts Creek
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and continuous wave energies can close the mouth of the creek, forming an ephemeral lagoon
(Hayes et al., 2008). The marsh then remains flooded until the watershed flow exerts enough
pressure to break the sand bar at the creek's mouth. Unlike traditional coastal wetland systems,
SCM soils are not flooded and aerated on a daily, tidal basis. Instead, SCM soils experience
alternating sustained aeration and saturation periods over several months, changing the soil's
biogeochemistry and potentially affecting C accretion and sequestration.
Finally, like traditional coastal salt marshes, Scotts Creek Marsh has distinct halophytic
zones comprised of Distichlis spicata, Juncus lesueurii, and Typha latifolia that dominate the
landscape (Figure2). Although Distichlis spicata and Juncus lesueurii are commonly found in
the scientific literature related to salt marsh C sequestration, Typha latifolia is not. In an article
published by Ouyang and Lee (2014), they compiled carbon accretion rates and the dominant
halophyte species for 147 salt marshes distributed worldwide, and none of the studies published
data on Typha latifolia even though cattails are common in both brackish and saline
environments. However, a recently published article by Pendelton et al. (2020) investigating the
multifunctionality of plant species within the Great Salt Lake, Utah, found that Typha latifolia
performed remarkably at both C and N storage.

The research questions for our study were:
1. What is the quantity of C stored within a protected and stabilized salt marsh that
alternates between periods of aerobic and anaerobic soil conditions?
a. Are there differences in the amount of stored C between zones dominated by
different halophytic (salt-tolerant) plants within this marsh?
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2. What is the CAR for a protected and stabilized salt marsh that alternates between
periods of aerobic and anaerobic soil conditions?
a. Are there differences in the CAR between zones dominated by different
halophytic (salt-tolerant) plants within this marsh?

We posit that our study marsh's hydrogeomorphology enables the system to sequester a
significant quantity of C on an annual basis. Anthropogenic alterations to stabilize this site
facilitate this sequestration by 1) protecting against tidal and wave erosion, 2) limiting the annual
export of particulate organic matter, and 3) creating alternating periods of aerobic and anaerobic
soil conditions. We hypothesize that this stabilization will allow for high production and
retention of autochthonous C, creating favorable conditions for rapid soil accretion. Further,
preliminary work conducted by Gormley and Vaughn (2013) suggested that different areas of the
marsh dominated by varying communities of halophytic plants might have differing C
sequestration values. Based on the recent findings published by Pendelton et al. (2020), we
anticipate that the marsh areas dominated by Typha latifolia will have the greatest stored C and
CAR.

Methods and Materials
Study Area
Scotts Creek Marsh (SCM) is located on Swanton Pacific Ranch in Davenport, CA,
approximately 100 km south of San Francisco (Hayes et al., 2008) (Figure 2) at the end of Scotts
Creek watershed (37° 2' 29.96" N and 122° 13' 44.23" W). Historically, the marsh was limited in
size and restrained to a tiny portion of the mouth of Scott’s Creek (Figure 2). After a highway
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relocation and levee construction, the marsh grew and expanded. The highway and levees create
artificial barriers that protect the marsh from wave activity and intense storm surges.
Geologically, SCM lies on the Salinian structural block bounded by the Sur-Nacimiento
and the San Andreas faults (Stanley, 1984). The Salinian block consists of mostly Cretaceous
quartz diorite covered by Mesozoic arkosic sandstone of the Santa Maria Formation covered by
the upper Miocene Santa Cruz mudstone (Brabb, 1989; Stanley, 1984). The watershed is
approximately 70 km2 and consists of three main tributaries, Little, Big, and Mill Creeks (Hayes
et al., 2008). Located within the Major Land Resource Area, 4B (Coastal Redwood Belt), the
streams that make up the upper portions of the watershed are typically high gradient with
extensive coastal redwood (Sequoia sempervirens) canopies (Hayes et al., 2008; USDA, 2010).
The lower portions of the watershed consist of low gradient streams with an overstory canopy
consisting of alders (Alnus sp.) and understory dominated by willows (Salix sp.) (Hayes et al.,
2008). The mean annual precipitation for Davenport, California is 801 mm (32 inches), and the
mean annual maximum and minimum temperatures are 20 °C (68 °F) and 8.89 °C (47 °F),
respectively (NOAA, 2019). According to the Soil Survey of Santa Cruz County, California
(Bowman and Estrada, 1980), the research area can be found in Section 19, Township 10 South
Range 3 West, and the dominant soil types for the marsh are Map Unit 103, Aquents (77%) and
Map Unit 171, the Soquel loam (23%).

Sampling and Processing
Scotts Creek Marsh has several halophyte zones; however, three plant species, Distichlis
spicata, Juncus lesueurii, and Typha latifolia, dominate the landscape. Our study area focused on
the northern section of the marsh and specifically on the three halophytic zones (Distichlis,
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Juncus, and Typha, with areas of 1.12, 1.16, and 1.19 ha, respectively). Using ArcGIS, the area
of interest was gridded into 6m x 6m tiles using the fishnet geoprocessing tool. The grid was
refined to eliminate any tiles near the channels and sections sampled in prior studies to ensure
undisturbed soil samples. Next, the tile identifications were exported into Excel to randomly
select six sites from each zone for 18 random sampling locations. Although six sites were
chosen, five were used, with the 6th acting as an alternative sampling site in case field conditions
did not permit one of the five sites to be utilized.
At each sampling location, five radially clustered soil cores were extracted using an AMS
Russian Peat Borer from the top of the mineral horizon to a depth of 50 cm for a total of 15 cores
(5 per zone) (Figure 4). The organic or O horizon was not sampled because of the difficulty of
obtaining intact core sections and enough sample material for analyses. An exploratory study
conducted in 2013 obtained significant samples for accurate C analyses and obtained accurate
soil horizon profiles down to 150 cm. Each core was immediately subsampled into 5 cm
sections for a total of 10 subsamples per core. All 5 cm subsamples for each depth (0-50 cm)
from the five radial clustered cores were combined to form a single composite core (total of 5
composite cores per zone). All soil samples were immediately placed in a cooler for preservation
and storage.

Soil Dry Bulk Density, Gravimetric Water Content, pH and Salinity
All samples were homogenized by hand, and all visible particulate organic (large roots
and debris) and inorganic (pebbles or rock fragments) matter (>2mm) were removed using
forceps, weighed, and cataloged. Once all particulate matter was removed, an adjusted fresh soil
sample weight was calculated and used for bulk density calculations. Gravimetric soil moisture
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content was measured as a loss after drying at 60 °C for 48 hours. Dry bulk density was
calculated using the known volume of the soil corer and the oven-dry soil weights.

Total C and N
Aliquots of each sample (3 g) were placed on a watch glass and treated with five drops of
1 N HCl to test for the presence of carbonates that would need to be removed before analysis.
Since none of the samples effervesced (evidence of carbonates), no other treatment was
necessary. Next, samples (5 g) were dried at 60 °C for 48 hours and then finely ground and
homogenized using a mortar and pestle, sieved, and then stored in a 50 mL centrifuge tube.
Samples (1g) were loaded into crucibles, and total C was quantified using an Elementar Vario
Max cube combustion analyzer. Standard calibration curves were established using natural
reference material B2178 (Medium Organic Content Sediment) from Elemental Microanalysis
with certified values of (% w/w) of 2.46 for C (+/- 0.22) and 0.16 for N (+/- 0.01). Sample
duplicates and external standards were run after every ten samples to ensure instrument
calibration was maintained during each run.

Soil C Accretion
We used the 137Cs method employed by Fennessy et al. (2018), with some modifications.
Oven-dried, ground, and homogenized soils were transferred to counting vials sealed and held
for at least 20 days before analysis of Rn-222 (half-life = 3.8 days), the radioactive daughter
isotope of 137Cs. Samples were counted with an EG&G Ortec GWL-120 High-Purity Ge well
detector, and data were aggregated with an EG&G Ortec 92X Spectrum Master® MCA and
Maestro® software. Radionuclides were quantified against reference materials from NIST, PRC
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National Institute of Metrology, and in-house standards. Counting times ranged from 12 - 36
hours. Data were decay-corrected to sample date. Excess Pb-210 was calculated by subtracting
the average activity of Pb-214 and Bi-214 from the total Pb-210 before decay correction. Using
the % C and dry soil density data, we calculated the C density (g cm-3), C per section (g cm-3),
and C per hectare for every composite core. Soil accretion rates were calculated by dividing the
depth of the peak 137Cs by the time since 1964 (Moshiri, 1993) (Eq. 1). CAR was calculated by
multiplying the soil density, C concentration, and SAR (Eq. 2) (DeBusk and Reddy, 1998;
Fennessy et al., 2018; Villa and Bernal, 2018).
SAR = Depth of Peak 137-Cs (mm)/Time Since 137-Cs (yr) = mm/yr [1]
CAR = (dry soil density)*(C Concentration)*(Soil Accretion Rate) = g C m-2 yr-1 [2]

Statistics
To answer our research questions and see if there were significant differences in the C
stock and CAR between the halophytic zones studied, we conducted one-way ANOVA analyses
and used an alpha value of 0.05. For analyses done by depth (0 - 50cm), two-way ANOVA
analyses were conducted to test for differences between halophytic zones, depth, and their
interaction. Since ANOVA analyses only determine if there is a significant difference between
sample means, we used a Tukey-Kramer post hoc test to compare the zones and identify exactly
which pairing (Distichlis – Juncus, Distichlis – Typha, and Juncus – Typha) were significantly
different. Pearson’s correlation analyses were conducted on all composite core sample data to
investigate the possibility of inverse or direct relationships between %C, salinity, pH, C:N, C
density, dry soil density, and CAR.
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Results
The average soil density for each zone ranged from as high as 1.82 (Distichlis) to as low
as 1.56 g cm-3 (Juncus). The Typha zone had the highest average percent total organic carbon,
4.68%, followed by the Distichlis (3.53%) and Juncus zone, with the lowest value of 3.27%
(Figure 5). The average C density for each zone followed a similar pattern. The Typha zone had
the largest value, 0.069 g cm-3, followed by the Distichlis zone, 0.062 g cm-3, and the Juncus
zone having the lowest C density at 0.052 g cm-3. The average total soil carbon for each zone
varied from as high as 347.3 Mg C hectare-1 for the Typha zone and as low as 258.9 Mg C
hectare-1 for the Juncus zone (Figure 5). Carbon accretion followed a similar pattern to both the
total C and the C density, with the Typha zone having the highest value of 195.8, followed by the
Distichlis zone with 157.7 and Juncus zone with the least at 119.7 g C m-2 yr-1 (Figure 5). The
average total C pool (Mg C ha-1) was 311.14 for the Distichlis zone, 259.93 for the Juncus zone,
and 347.25 for the Typha zone, with a marsh average of 305.77 ± 12.81 (Figure 5).
The percent C for all three zones varied depending on the depth. In all three zones, the
%C decreased from the 0 to 25 cm depth (Figure 6). The Distichlis, Juncus, and Typha zones
started at 5.74, 5.40, and 7.35%, then decreased to 2.77, 2.68, and 3.50%, respectively. However,
the %C increased from the 25 – 50 cm depths in all three zones. At the 25 - 30cm depth, the %C
in the Distichlis, Juncus, and Typha zones were 2.94, 3.06, and 3.70% increasing to 4.18, 2.91,
and 4.41%, respectively at the 45 – 50 cm depth. The C density followed the pattern of %C by
decreasing from the 0 – 25 cm depth and then increasing to the 50 cm mark. The Distichlis,
Juncus, and Typha zones started at 0 0.071, 0.054, and 0.75 g cm-3 before decreasing to 0.054,
0.045, and 0.057 g cm-3 respectively at the 25 cm depth. Despite the decrease in C density to the
25 cm depth, all three zones either surpassed or equaled their starting C density values. The
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Distichlis, Juncus, and Typha zones finished with values of 0.076, 0.059, and 0.075 (equal to
starting value). Two-way ANOVA analyses of C density data indicated there were significant
differences (P < 0.01) between the three zones from 0 and 15 cm depths. Tukey-Kramer tests
identified that the variations in the 0-5 cm depth were between the Distichlis and Juncus zones
and the Juncus and Typha zones. The 5 - 10 cm depth for C density saw significant differences
for all three combinations pairs. The last depth with significant variations, 10 -15 cm, saw
differences between Distichlis and Typha and Juncus and Typha zones only
The highest peak cesium-137 depth for all three zones was located at 7.5 cm (Distichlis =
289.74, Juncus = 164.63, Typha = 239.83 pCi kg-1) and confirmed with using the excess Pb-210
data (Distichlis = 1.57, Juncus = 0.78, Typha = 1.14 dpm g-1) (Figure 7). Since the depth (75
mm) and the year (55) of the peak Cs-137 were the same for all three zones, the soil accretion
rates for all three zones were 1.36 mm yr-1. Based on the C density and SAR, we calculated the
CAR for the Distichlis, Juncus, and Typha zones to be 157.96, 119.65, and 195.81 g C m-2 yr -1,
respectively (Figure 5). The average CAR for the marsh was 157.81 ± 9.23 g C m-2 yr -1.
Based on single-factor ANOVA analyses, we found differences in what variables ?
between the three halophytic zones (P < 0.001). Our investigation found that the zones
dominated by Typha latifolia had the highest %C. Further investigation via Tukey’s post hoc
tests supported our hypothesis. The results showed there was no significant difference between
the Distichlis spicata and Juncus lesueurii zones. However, when comparing the Distichlis and
Juncus zones to the Typha zone, significant differences were found. The only significant
difference we discovered between the halophytic communities the C stock was between the
Juncus and Typha zones (P = 0.006).
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Discussion
The results from our investigation are comparable to global studies investigating salt
marsh C stock and CAR and significant differences between the halophytic communities were
discovered. The average %C for the marsh of 3.83 was low compared to the global average for
salt marshes %C to be 5.40 reported by Duarte et al. (2005). The lower %C was not unexpected
since our values are averages over the entire sampling depth (including mineral soils) and did not
include the organic horizons (O) in each zone, while the global average value is based primarily
on the surface, organic-rich horizons. Previously collected (unpublished) data from SCM found
that the O horizon %C was 9.63 in the Distichlis zone, 18.32 in the Juncus, and 19.70 within the
Typha zone. If the O horizons are included, the overall average %C for SCM would be 9.86 ±
3.05 (± MSE), almost double the global average calculated by Duarte et al. (2005).
The SCM’s C pool of 305.77 Mg C hectare-1 is comparable to the global average of 317 ±
19 Mg C ha-1 measured by Alongi (2018). The average C stock for SCM is impressive,
considering the top 50 cm of soil is saturated for only 5-6 months a year, whereas the salt marsh
soils used to compile the global average are intertidal cycling between submerged and exposed
on a daily basis based on elevation and tides continuously saturated (Alongi, 2018), and we did
not include the O horizon. When investigating the three different halophyte zones, Typha
latifolia had the largest C pool. Research conducted by Pendelton et al. (2020) suggests that the
possible reason why the zones dominated by Typha latifolia had both the greatest %C and C pool
is their ability to store large quantities of C in their above-ground biomass (7.00 ± 0.55 Mg C ha1

). Under normal conditions, daily tidal activity and storm surges can translocate organic matter

out of a marsh system. However, since levees and Route 1 buffer Scott's Creek Marsh, the annual
above-ground biomass of Typha latifolia has an opportunity to accumulate over time.
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The average CAR for SCM was lower than the expected global averages published by
Ouyang and Lee (2014) (244.7 ± 26.1 g C m-2 yr -1) and Chmura et al. (2003), and Duarte et al.
(2005) (218 ± 24) (Table 1). Our study's quantified CAR is also lower than the value formulated
by Ouyang and Lee (2014) for the Pacific Coast of the United States (173.6 ± 45.1 g C m-2 yr -1).
The lower-than-expected numbers are most likely since we 1) did not include the O horizon, and
2) the top 50 cm of soil in SCM is only saturated for 4-5 months per year.
The addition of the O horizon would significantly increase the average CAR for SCM. If
we include the % C, depth, and density data for O horizon from the exploratory study conducted
in 2013, the estimated CAR for the Distichlis zone would be 447.34 ± 12.07, 324.33 ± 6.38 the
Juncus zone, and 535.80 ± 24.81 g C m-2 yr -1 for Typha zone. Ouyang and Lee (2014) found that
salt marshes dominated by Distichlis had the lowest average CAR at 107.5, followed by Juncus
at 192.8 and Spartina at 200.9 g C m-2 yr -1 (Table 1). Our study found that areas dominated by
Juncus had the lowest CAR, while the areas with Distichlis had greater rates of C burial with a
difference of almost 50 g C m-2 yr -1 compared to the data published by Ouyang and Lee (2014).
Typha latifolia is native to North America and is considered “invasive” only if it
displaces other wetland plant species after a significant disturbance (Bansal et al., 2019). Like
other Typha species, T. latifolia has a relatively high growth rate of 30 – 40 g m-2 day-1 with an
annual total of 10-30 ton ha-1 yr-1 (Andrews and Pratt, 1978; Dubbe et al., 1988; Miller and Fujii,
2010; Bansal et al., 2019). T. latifolia can adapt to environmental conditions rapidly since they
can tolerate a wide soil pH range (4 – 12) (Rivard et al., 1989), saline environments up to 30 ppt
(Lieffers, 1983), and flooded conditions as high as 3 feet of water (Lloyd, 1961). In California, T.
Latifolia is prevalent in freshwater wetlands of the Central Valley but also brackish to saline
environments within the San Francisco Bay.
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Based on our investigation, more research needs to be conducted to understand better the
potential role that Typha latifolia could play in sequestering C in coastal wetlands. Our study
revealed that zones occupied by Typha have as high of a carbon burial rate as Spartina at 195.81
g C m-2 yr -1. This is impressive for two main reasons. First, as mentioned above, we did not
include the O horizon. If the O horizon is included, the Typha zones' CAR will increase to
535.80 ± 24.81 g C m-2 yr -1. Second, the marsh goes through an extended oxidative period when
the marsh is not in its lagoon phase. During the oxidative period, the soils are not saturated,
stimulating microbial respiration and organic matter decomposition. Our preliminary study
investigating the redox state of SCM using Indicators of Reduction in Soils tubes (IRIS)
demonstrated that very little iron or sulfur reduction occurs within the system before the lagoon
phase. During the three weeks before the marsh's lagoon phase, the overall percentage of iron
and sulfate reduction seen on the IRIS tubes was only 8%. However, the reduction seen on the
IRIS tubes increased significantly to 75% during the lagoon phase when SCM soils are
completely saturated.
A better understanding of all three halophyte zones' annual net productivity, particularly
the Typha latifolia community, in SCM would provide a better understanding of the C
sequestration potential of the marsh. Finally, to enhance and calibrate our data set, we
recommend that studies identify similar salt marshes containing zones of Typha latifolia. By
identifying and studying more coastal wetland systems that contain Typha latifolia, we will be
able to understand the potential use of Typha to store carbon long-term in coastal wetland soils.
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Table 1. The CAR, dominant halophyte species and C densities for 14 different salt marshes based on data from
Ouyang and Lee 2014.
C
Location
Halophyte
CAR
References
Density
Genera species
g C cm-3
g C m-2 yr -1
Authors Date
Juncus
Chmura et al. (2003);
St. Marks, Florida, USA
0.025
44.00
roemerianus
Cahoon 2003
Riverine sites, Rhone Delta,
Juncus maritimus
0.027
656.60
Hensel et al. (1999)
France
Cedar Island, North Carolina,
USA
Jacob’s Creek, North Carolina,
USA
Jacob’s Creek, North Carolina,
USA
Little Assawoman Bay,
Delaware, USA
Hawkesbury River, New South
Wales
Scott's Creek Marsh,
California, USA
Sluice 1, Connecticut, USA
Sluice 2, Connecticut, USA
Leetes 1, Connecticut, USA
Leetes 2, Connecticut, USA
Scott's Creek Marsh,
California, USA
Scott's Creek Marsh,
California, USA

Juncus
roemerianus
Juncus
roemerianus
Juncus
roemerianus
Juncus
roemerianus

0.022

70.00

Chmura et al. (2003);
Cahoon 2003

0.041

146.00

Craft et al. (1993)

0.045

107.00

Craft et al. (1993)

0.063

119.00

Elsey-Quirk et al. (2011)

Juncus kraussii

0.118

207.00

Saintilan et al. (2013)

Juncus lesueurii

0.052

119.65

Distichlis spicata
Distichlis spicata
Distichlis spicata
Distichlis spicata

0.026
0.045
0.039
0.030

99.00
85.00
153.00
93.00

Distichlis spicata

0.062

157.96

Typha latifolia

0.069

195.81
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Anisfeld et al. (1999)
Anisfeld et al. (1999)
Anisfeld et al. (1999)
Anisfeld et al. (1999)

300
275
250

CAR (g C m -2 yr -1)

225
200
175
150
125
100
75
50
25
0
Salt Marshes
(2014)

Salt Marshes
(2003)
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Temperate
Forest

Boreal Forest

Tropical Forest

Figure 1. The carbon accretion rates (CAR) for global “blue carbon” ecosystems (salt marshes, mangroves,
seagrasses) vs. temperate, boreal, and tropical forest ecosystems. Data were taken from Ouyang and Lee
2014.
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Figure 2. The black and white image (left) shows the location and flow of Scotts Creek before the relocation of
Route 1 and the construction of the bridge spanning the mouth of Scotts Creek. The current imagery
(right) shows where Scotts Creek Marsh developed and the current location of Route 1, the bridge, and the
levees along Scotts Creek.
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Figure 3. Scott’s Creek marsh is located on Swanton Pacific Ranch in Davenport, CA. The marsh is zoned by
halophyte vegetation, Distichlis spicata, Juncus lesueurii, and Typha latifolia. The zones cover an area in
hectares of 1.12 (Distichlis), 1.16 (Juncus), and 1.99 (Typha) for a total area of 4.27 hectares.
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Figure 4. Samples for the study were collected using an AMS 50 cm Russian Peat Borer. The study area was
sampled based on observable zones dominated by different halophytic plants. Five random sampling sites
were selected within each zone. At every sampling site, five cores were sampled based on a radial design.
After each core was taken, it was divided into 5 cm sections. The 5 cm sections from every cluster core
were combined to form one composite core per cluster, for a total of five replicate samples per halophytic
zone.
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Figure 5. The average %C (A), C density (B), total C (C), and CAR (D) for the Distichlis, Juncus, and Typha
halophytic zones studied within SCM. ANOVA and Tukey-Kramer analyses indicated significant
differences (P < 0.05) when comparing Typha to Distichlis and Juncus but not between Juncus and
Distichlis for %C, total C, and C density. Significant (P < 0.01) differences were discovered in CAR
between all three zones.
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Figure 6. Soil density, % C, and C density by depth (0 – 50 cm) for halophytic zones studied within SCM. The soil
density varied significantly by depth and zone according the two-way ANOVA analyses (P < 0.01). Tukey
- Kramer tests indicated the differences were between the Distichlis and Juncus zones at the 5 - 10 cm
depths and between the Distichlis and Typha zones at the 15 - 20 cm depth. Two-way ANOVA and
Tukey-Kramer tests indicated there were significant differences (P < 0.01) between the Distichlis and
Typha zones, and the Juncus and Typha zones but not Distichlis and Juncus from the 0 - 20 cm horizons
when it came to analyzing the %C data.
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Figure 7. Cs-137 and excess Pb-210 data for the three halophyte zones in Scott’s Creek Marsh. All three zones had
the highest Cs-137 peaks at 7.5 cm. Pb-210 was used to verify the results. The spikes for both Cs-137 and
Pb-210 at 37.5 cm were not viable since the values were less than two times the error.
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CHAPTER 3
CO2 AND CH4 FLUX IN A CALIFORNIA LAGOON SALT MARSH
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Introduction
The increased radiative forcing from the unprecedented increase in global atmospheric
greenhouse gas (GHG) concentrations has already led to a rapid rise in global warming, sea-level
rise, and ocean acidification (IPCC, 2013). Since pre-industrial times (1750), the use of fossil
fuels and land-use change has increased the global atmospheric concentrations of carbon dioxide
(CO2) from 278 (± 2) to 405 ppm (± 0.16) (IPCC, 2013). During the same period, methane (CH4)
has increased in the atmosphere from 722 (± 25) to 1803 (± 1.2) ppb (IPCC, 2013). Failure to
control and reduce atmospheric CO2 and CH4 concentrations will only exacerbate existing
problems while creating new challenges (IPCC, 2013). Researching ways to sequester C and
mitigate the emissions of CO2 and CH4 is now paramount.
Wetlands are complex environments that have characteristics of both terrestrial and
aquatic systems. Wetland soils play a critical role in the Earth's radiative budget by significantly
limiting C emission from the lithosphere to the atmosphere and by producing significant amounts
of CH4. Although wetlands only cover approximately 6% of the Earth's land surface (Zhang et
al., 2016), they store as much as 33% of the world's soil organic carbon (SOC) (Gorham, 1991;
Lal, 2008) and account for more than 20% of the global annual CH4 production (Schlesinger,
2013).
Coastal wetland soils are ideal C sinks because the occurrence of anaerobic conditions
reduces decomposition of detritus and increases carbon accretion rates. Further, the presence of
sulfates (SO42-) from seawater favors microbial utilization of SO42- as an alternative electron
acceptor over CO2. The use of this electron acceptor curtails the production of CO2 and CH4, and
reduces the solubilization of C (Boye et al., 2017).
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Lagoon salt marshes differ from tidal marshes because wave activity and reduced
freshwater inputs can close or significantly diminish the lagoon entrance. The changes to a
lagoon entrance create dynamic shifts in soil redox chemistry. Therefore, lagoon soils may
alternate between periods of aeration and saturation. The distinctions between traditional coastal
wetlands and lagoon systems are noteworthy for two reasons. First, fluxes of CO2 and CH4 are
likely to markedly change with the aeration status of the soils (Houghton et al., 1990; Myhre et
al., 2013) creating pulses of emission of different GHG compared to the more continuous
patterns observed in tidal marshes that go through regular daily tidal cycles (Mitch et al., 2013
and Neubauer and Megonigal (2015). Second, depending on freshwater input, lagoons can
become saline or more freshwater (Chapman, 2012). Therefore, unlike traditional coastal
wetlands, lagoons may alternate between being sources or sinks for different GHG, complicating
assessment of their global warming impact (Houghton et al., 1990; Myhre et al., 2013). The
relationship between soil salinity and CO2 and CH4 fluxes has been well studied. Soil salinity
alters plant productivity and metabolism by reducing photosynthesis and increasing osmotic
stress (Abdul-Aziz et al., 2018; Wei et al., 2019). Salinity is also used as a proxy for sulfate
concentrations. Since increased sulfate concentrations reduce CO2 and CH4, we typically see an
inverse relationship between GHG production (Yang et al., 2019). There is a particular need for
more data on CH4 fluxes from these ecosystems (Al-Haj and Fulweiler, 2020), and on how they
respond to extreme weather events that can drastically alter the biogeochemistry of marsh
systems. Assessment of the importance of lagoon wetlands is also hindered by a lack on data on
the quantity and geographic extent of lagoon marshes (Rosentreter and Williamson 2020). The
significant role coastal wetlands play in the radiative balance of the Earth's atmosphere (Roulet et
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al., 2007; Sjögersten et al., 2014) validates the necessity to investigate various coastal lagoons to
further our understanding of their soil C dynamics and GHG fluxes.
Scotts Creek Marsh (SCM) is a coastal salt marsh located on Swanton Pacific Ranch in
Davenport, CA, approximately 100 km south of San Francisco (Hayes et al., 2008) (Figure 2).
The marsh is an ideal location to study lagoon GHG dynamics since the study area alternates
between periods of aerobic and anaerobic conditions due to the annual closure and reopening of
Scott's Creek (Hayes et al., 2008). Initially, the marsh was limited in size and restricted to a tiny
portion of Scott's Creek (Figure 2). After the relocation of a highway (Route 1) and construction
of a levee, the marsh grew and expanded (Figure 2). Route 1 and the levee create artificial
barriers that protect the marsh from wave activity and intense storm surges, allowing for marsh
stabilization and continuous carbon accretion. The system has developed into a unique lagoon
salt marsh with recognizable halophyte zonation (Figure 3).
During the driest months of the year, decreased flow rates of Scotts Creek and continuous
wave energies can close the mouth of the creek, forming an ephemeral lagoon (Hayes et al.,
2008). The marsh then remains flooded until the watershed flow exerts enough pressure to break
the sand bar at the creek's mouth. Unlike traditional tidal marshes, SCM soils are not flooded and
aerated on a daily, tidal basis. Instead, SCM soils experience alternating sustained aeration and
saturation periods over several months, changing the soil's biogeochemistry and potentially
affecting GHG emissions. A preliminary study to investigate the redox chemistry of the soils
within SCM was conducted in 2013. Three wells were installed within the three major halophytic
zones to record soil pore water salinity, water level, and pore water temperature. Indicators of
Reduction in Soils or IRIS tubes were installed in the study area's three halophyte zones to
investigate the marsh's redox chemistry before and during the marsh's lagoon phase. The IRIS
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study demonstrated that significant iron (Fe3+) and sulfate (SO42-) reduction occurred when SCM
soils are saturated (Table 2).
Here we present experimental data on CO2 and CH4 production rates for SCM soils under
flooded or aerated conditions. The study's two goals were: 1) to quantify the potential CO2 and
CH4 flux in SCM before and during the lagoon phase of the marsh, and 2) to investigate if the
different halophyte zone found within SCM have distinctive patterns on GHG production. We
anticipate that the saturation of SCM soils with seawater will significantly reduce both the efflux
of CO2 and CH4. Since vegetation, hydrology, salinity, and carbon distribution varies within
SCM, we posit that the CO2 and CH4 efflux will vary between the different halophyte
communities within the study area. Salinity will often inhibit microbial metabolic processes
resulting in the reduction of GHG production; therefore, based on the preliminary study results,
we anticipate the regions dominated by Typha latifolia will have the greatest efflux of GHG,
followed by the zones of Juncus lesueurii and Distichlis spicata to have the least efflux of GHG.

Methods and Materials
Study Area
The mean annual precipitation for Davenport, California is 801 mm (32 inches), and the
mean annual maximum and minimum temperatures are 20 °C (68 °F) and 8.89 °C (47 °F),
respectively (NOAA, 2019). According to the Soil Survey of Santa Cruz County, California
(Bowman and Estrada, 1980), the marsh is in Section 19, Township 10 South Range 3 West. The
marsh's dominant soil types are Map Unit 103, Aquents (77%), and Map Unit 171, the Soquel
loam (23%). Like most coastal salt marsh ecosystems, SCM's vegetation is typically dominated
by salt-tolerant grasses and rushes that develop distinct, identifiable areas known as spatial
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zoning (Figure 3). Scotts Creek Marsh has several halophyte zones; however, three plant species,
Distichlis spicata, Juncus lesueurii, and Typha latifolia, dominate the landscape. Our study area
focused on the northern section of the marsh and specifically on the three major halophytic
zones. The study area covers 1.12 (Distichlis), 1.16 (Juncus), and 1.99 (Typha) hectares for a
total area of 4.27 hectares. Using ArcGIS, the area of interest was gridded into 6m x 6m tiles
using the fishnet geoprocessing tool. Next, to ensure that we could collect undisturbed samples,
we eliminated any tiles located in or near the channels and sections used in prior studies. Six
sites from each zone were randomly selected for sampling.

Sampling and Processing
We used five sample locations, with the 6th acting as an alternative sampling site to
gather complete core samples. At each sampling location, five radially clustered soil cores were
extracted using an AMS Russian Peat Borer from the top of the mineral horizon to a depth of 50
cm for a total of 25 cores per zone (Figure 4). We did not sample the O horizon because of the
difficulty of obtaining intact core sections and enough sample materials for analyses. Each core
was immediately subsampled into 5 cm sections for a total of 10 subsamples per core. All 5 cm
subsamples for each depth (0-50 cm) from the five radial clustered cores were combined to form
a single composite core (total of 5 composite cores per zone). In each zone, 200 mL of porewater
was extracted for use during experiments to replicate field conditions and stored in a 1L widemouth dark Nalgene bottle. The samples were immediately placed in a cooler with ice for
preservation and storage.

Soil Dry Bulk Density, Gravimetric Water Content (GWC), pH, and Salinity
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Upon arrival at the lab, all samples were homogenized, and all visible particulate organic
(large roots and debris) and inorganic (pebbles or rock fragments) matter (>2mm) were carefully
removed using forceps, weighed, and cataloged. Once all the particulate matter was gone, an
adjusted fresh soil sample weight was calculated. Since the borer volume used to extract the
samples was already known, wet bulk density was calculated once the soils were weighed. Dry
soil density for each sample was calculated by weighing out 5 grams of fresh soil on an
aluminum pan, and every sample was placed in an oven at 60 °C for 48 hours. This method with
lower oven temperature was chosen since studies have shown that samples lose C when placed in
an oven at 105 °C for 24 hours. After 48 hours, all samples were put into a desiccator for an hour
then weighed to calculate the bulk density, GWC, and soil moisture.
Soil pH and salinity were measured by placing 20 g of fresh soil and 20 mL of water into
a 50 mL centrifuge tube. Sample test tubes were tightly sealed, gently swirled, and then allowed
to stand for an hour. Sample temperature, pH, and salinity were then measured using a benchtop
pH and conductivity probe.

Thirty-Two Day Incubation to Determine Soil CO2 and CH4 Efflux
A 32-day soil incubation study was conducted to quantify CO2 and CH4 flux under
aerobic and anaerobic conditions for the top 0-10 cm of the mineral horizon for each vegetation
zone. Ten grams of fresh soil from the 0-10 cm depths of each composite soil core was gently
homogenized and placed into individual 50 mL centrifuge tubes. Samples in half of the tubes
were covered entirely in deoxygenated water collected from each SCM zone to create anaerobic
conditions. Water collected from the field was first filtered and then autoclaved under 25 psi of
pressure at 121 °C for 60 minutes, followed by deoxygenation using analytical grade N2. Aerated
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samples were loosely covered on the benchtop and soil moisture content was checked until soils
reached field moisture capacity. Next, the three sample tubes with the same treatment (either
aerobic or anaerobic) from each composite core were placed into a 64 oz. wide mouth mason jar.
There were 30 jars, with ten jars (5 aerobic and five anaerobic) for each zone. At the start of the
experiment, 1 sample from each jar was removed for initial analyses of total C and N. All of the
anaerobic sample jars were then flushed with analytical grade N2 while the remaining
unsaturated samples were not. Next all jars were sealed with a lid fitted with a rubber septum.
Two additional empty jars were flushed with analytical grade N2 and served as experimental
blanks. The jars were then incubated in the dark at a constant temperature of 25°C. To reduce
any artifacts associated with soil processing and wetting, we allowed the jars to go through a
conditioning period of 4 days. After the conditioning period, 1 sample from each jar was
removed to analyze total C and act as the time zero (T0) baseline. The jars, now each containing
one incubation sample, were then flushed with analytical grade N2, sealed, and allowed to
incubate in the dark at a constant temperature of 25°C for 32 days.
Every four days, 8 mL of gas was sampled using a 22-gauge needle and transferred to a 6
mL evacuated exetainer vial. To circulate the air within the jar before sampling, each time a
syringe was plunged into the jar's septa, 8 mL of air was pulled and then immediately pushed
back into the jar three times. To prevent cross-contamination between samples, each time a gas
sample was transferred to a sample vial, the syringe was flushed three times by drawing in
laboratory air and plunging the air back out. Two vials containing just laboratory air and an
additional two vials containing analytical grade N2 were also tested on every sampling date.
After all gas samples were taken, 8 mL of analytical grade N2 was injected into each of the jars
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to maintain internal pressure in the jar. Laboratory temperature, atmospheric pressure, and time
were recorded for each gas extraction.
Before sample gas extractions, fifteen, 6 mL CO2 standard calibration vials with
concentrations of 352, 1016, 5041, 9900, and 24900 ppm were created (three per standard
concentration). Similarly, nine, 6 mL standard CH4 calibration vials with concentrations of 1.0,
2.9, and 10.1 ppm were made (three per standard concentration). One set of standard calibration
vials for CO2 and CH4 were used to establish calibration at the beginning of each analytical run.
A second set, along with random duplicate sample vials were run after every nine samples to
check the instrument's precision and accuracy during each run. A third and final set of calibration
standard vials were used to account for possible instrument drift at the end of every run.
CO2 and CH4 concentrations were obtained by using a Shimadzu GC-2014 gas
chromatograph optimized for trace GHG analysis. All sample peaks were manually adjusted
using the accompanying LabSolutions program. Adjusted peaks were then exported to an Excel
spreadsheet, and CO2 and CH4 concentrations (ppm) were calculated using polynomial
regression equations based on each run's beginning and ending standard calibration curves. The
respired CO2 and CH4 production rates on a per-day basis were then calculated by first
calculating the amount of gas a jar could hold using the universal gas law:

n = (PV/RT)*1000 = amount of air jar can hold in mmols

where V = 0.958 L, R = 82.05 mL atm/mol K, T = 293.15 K and P = 0.9678 ATM. Once n was
calculated, then CO2 and CH4 concentration were converted from ppm to µg C-CO2 and C-CH4
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per gram of dry soil by multiplying the concentration of CO2 and CH4 in ppm by using the
following equation:

µg C-CO2/C-CH4 gram dry soil-1 = ((ppm CO2/CH4)*(n)*(10-3)*(12.011))/g of dry soil

Next, the C-CO2 and C-CH4 production rates on a per-day basis were calculated by
dividing the µg C-CO2/C-CH4 gram dry soil-1 values by the number of days between each sample
period (4 days). Since the experiment was a continuous 32-day incubation, the accumulation of
CO2 and CH4 were accounted for by subtracting the previous concentration from the current
calculation and dividing it by the number of days between the last reading (4 days). The amounts
of CO2 (aq) dissolved into the liquid phase were derived using the solubility constant for CO2
and each sample's salinity (Weiss, 1974). Additionally, bicarbonate (HCO3-) found in the liquid
phase was calculated based on the concentration of CO2 (aq), pH, and its dissociation constant
(Stumm and Morgan, 1981). For comparative reasons, our study converted the C-CO2 and CCH4 evolution rates on a gCm-2yr-1 using the soil dry bulk density for each sample and
converting µgC to gC and day to a year.

Chloroform Fumigation Incubation Method (CFIM) to Determine Microbial Biomass Carbon
Soil microbial biomass C was determined using a chloroform fumigation incubation
method (Jenkinson, 1976). First, 10 grams of field moist soil from the 0-10 cm depth of each
sample was placed into a 50 mL glass beaker. All sample beakers were then placed into a
desiccator. Then a 50 mL beaker containing 10 mL of analytical grade chloroform and Teflon
boiling chips was carefully positioned into the center of the desiccator. A lid with a sidearm
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valve connected to a vacuum pump via tubing was used to increase the desiccator's pressure and
bring the chloroform to a boil. The desiccator valve was then closed, and the pump turned off to
allow the chloroform to saturate the samples for 24 hours.
The following day, once the desiccator had been thoroughly vented, each fumigated
sample was transferred to its own 64 oz. wide mouth mason jar that contained 0.2 g of its
corresponding fresh (unfumigated) soil and gently mixed. Once the samples were inoculated, the
lids were sealed. Unfumigated "controls" were established by adding 10 grams of fresh soil
directly into a 64 oz. wide mouth mason jar and sealed. Once all of the fumigated and control
jars were ready, they were placed in the dark at a constant temperature of 25 °C for ten days.
After ten days, gas samples for all jars were taken in the same manner as described in the
previous section. MBC was calculated by converting the concentrations of CO2 and CH4 from
ppm to µg C-CO2/C-CH4 gram dry soil-1 using the same equation as described in the previous
section for all the fumigated samples. The calculated values per fumigated sample for C-CO2 and
C-CH4 were added together to derive the total C respired in µg C per gram dry soil and
multiplied by the Kc value of 0.41. The MBC values were then converted to a g C m-2 form using
the soil dry bulk density.

% C and C:N Ratios
To account for the possible presence of calcium carbonate, we weighed out 3 g of soil on
a watch glass for every soil sample and carefully added five drops of 1 N HCl. Since none of the
samples we tested effervesced, no other treatment was necessary. Once all samples were
processed, finely ground, and homogenized, approximately 1 g per soil sample was placed in a
crucible and loaded into an autosampler. The samples were combusted using an Elementar Vario
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Max cube to obtain the % C. Standard calibration curves were established using natural reference
material B2178 (Medium Organic Content Sediment) from Elemental Microanalysis with a
certified value of 2.46 for C (+/- 0.22). Sample duplicates and external standards were run after
every ten samples to ensure instrument calibration was maintained during each run. Regression
analyses of the initial and final calibration curves and dry soil weight (g) were used to establish
the final sample data.

Statistics
Single-factor ANOVA statistical analyses for all data were done on an average per zone
and average per 5 cm depth basis for testing data variance for significance. If an ANOVA
analysis indicated that the null hypothesis was to be rejected, an additional Tukey-Kramer post
hoc analysis was conducted. The Tukey-Kramer analyses helped identify which combinations
the significant variance was derived from and if there was a substantial difference between
oxidized and reduced samples. Correlation analyses were conducted to investigate the possibility
of inverse or direct relationships, and regression analyses were used to quantify the connections'
strength. Fixed, two factors nested ANOVA analyses were conducted to analyze the variance
between oxidized and reduced samples and the differences between sampling dates.
Results
Soil salinity for the samples varied between sites with values of 0.77 ppt for the
Distichlis, 1.26 ppt for the Juncus, and 0.79 ppt for the Typha zones (Table 3). Soil pH varied
from 6.11 in the Distichlis, 6.44 in the Juncus, and 6.39 in the Typha zones. The Distichlis zone
samples had a bulk density of 1.37 g cm-3, the Juncus, 1.04 g cm-3, and the Typha, 1.27 g cm-3.
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The Typha zone had significantly higher MBC (323.65 g C m-2) than the Juncus zone (321.17 g
C m-2) followed by the Distichlis zone with 205.46 g C m-2.
Soils that remained oxidized during the incubation respired 821.70 g C m-2 yr-1 from the
Typha, 481.51 g C m-2 yr-1 from the Distichlis, and 466.91 g C m-2 yr-1 from the Juncus zones
(Table 4). Under anaerobic conditions, the rates of CO2 respiration were reduced to 409.50 g C
m-2 yr-1 for the Typha, 334.26 g C m-2 yr-1 for the Distichlis, and 216.65 g C m-2 yr-1 for the
Juncus zones. Our study revealed significant differences between the reduced and oxidized
samples and between the three halophytic zones (P < 0.01) for daily CO2 efflux during the 32day incubation (Figure 8). The oxidized Typha zone produced the most significant amount of
CO2 daily with a maximum of 25.22 µg C-CO2 g soil -1 d -1 on day 24 of the experiment with an
overall average of 19.18 µg C-CO2 g soil -1 d -1 during the 32-day incubation. Juncus had a peak
of 16.48 µg C-CO2 g soil -1 d -1 on day eight and averaged 12.99 µg C-CO2 g soil -1 d -1 during
the incubation experiment.
The oxidized Juncus zone samples had the lowest daily efflux with a peak of 15.77 µg CCO2 g soil -1 d -1 on day four and an overall average of 9.50 µg C-CO2 g soil -1 d -1 over the 32day incubation. Reduced samples produced significantly less CO2 daily with an overall average
for all three zones of only 7.31 µg C-CO2 g soil -1 d -1. Again, Typha had the highest daily rates
with an average of 9.55 µg C-CO2 g soil -1 d -1 and a peak of 15.56 µg C-CO2 g soil -1 d -1 on day
24 of the incubation. The Juncus zone samples produced the least amount of CO2 during the
incubation experiment with an average of 5.67 µg C-CO2 g soil -1 d -1.
No significant differences were discovered between treatments or zones for the annual
CH4 efflux (Table 4). Annually, the oxidized samples produced 0.26, 0.11, and 0.20 g C m-2 yr-1
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derived from respired CH4. The reduced samples produced 0.17, 0.20, 0.13 g C m-2 yr-1 derived
from respired CH4. Daily methane efflux data showed that the reduced Typha zone samples had
the highest efflux value of 0.10 µg C-CH4 g soil -1 d -1 on day 24 and an overall average of 0.03
µg C-CH4 g soil -1 d -1 (Figure 9). Oxidized daily methane efflux was low with an overall average
of 0.00 µg C-CH4 g soil -1 d -1 for the entire incubation period.
Discussion
The 32-day incubation indicates a significant difference in the amount of CO2 respired
under oxidized and reduced soil conditions. Flooding the soils reduced the rate of respired CCO2 by 30.51% (Distichlis), 53.76% (Juncus), and 50.47% (Typha), respectively. Fixed nested
ANOVA analyses specified that the differences between reduced and oxidized C-CO2 samples
were significant. Statistical analyses concluded no significant differences, in the rates of C-CO2
respired, between the three halophytic zones. When comparing the C-CO2 efflux with that of the
initial soil C from each zone, per-year CO2 flux averages accounted for 8.01 (Distichlis), 9.46
(Juncus), and 11.64 (Typha) % of the overall carbon for each zone if well aerated (Table 4).
Based on our data, the flooded 0 - 10 cm of the mineral soil horizon respired 5.91 (Distichlis),
4.84 (Juncus), and 5.46 (Typha) % of the initial [C] within each zone. Correlation and regression
analyses indicated neither soil salinity nor soil pore water salinity correlated with either the
oxidized or reduced C-CO2 fluxes (r < 0.90).
Our data revealed no significant differences in methane efflux between treatments
(oxidized vs. reduced) and all three halophytic zones. Based on our annual methane efflux data,
it appears that C-CH4 does not constitute a large portion of the initial [C]. The C-CH4 efflux
comprised less than 0.01% of the initial [C] (Table 4). The average annual CH4 efflux of 0.2 g CCH4 m-2 y-1 for SCM was similar to values published by Poffenbarger et al. (2011), who collated
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the annual methane flux for 34 tidal marsh systems. The average of all 34 reported annual
effluxes from their publications was 38.9 g C-CH4 m-2 y-1 with a minimum of 0.2 and a
maximum of 539.2 g C-CH4 m-2 y-1 (Magenheimer et al., 1996). Future studies should focus on
investigating the relationship between the soil and Typha. During the 32 day incubation, Typha
had the highest annual and daily CO2 efflux values for both the reduced and oxidized samples.
Typha also had the highest annual and daily CH4 values for the reduced samples. Not only did
the Typha zone have the highest CAR value and C pool, but the zone also recorded the lowest
soil pore water salinity of 7.68 ppt. Poffenbarger et al. (2011) found that when salinities are
lower than 18 ppt, the annual efflux of CH4 ranges from 150 to 42 g C-CH4 m-2 y-1.
By converting our data from an annual rate (g C-CO2 m-2 y-1) to a daily rate (mg C-CO2
m-2 h-1), we found that our CO2 efflux data was considerably lower than data published by
Chmura et al. (2011). Average hourly CO2 efflux for oxidized (67.36 mg C-CO2 m-2 h-1) and
reduced (36.55 mg C-CO2 m-2 h-1) samples were considerably lower (398 and 485 mg C-CO2 m-2
h-1) compared to data published by Chmura et al. (2011). Similarly, our hourly CH4 efflux for
both the oxidized (0.05 µg C-CO2 m-2 h-1) and reduced (0.05 µg C-CO2 m-2 h-1) samples was
significantly lower than the 35 and 19 µg C-CO2 m-2 h-1 values published by Chmura et al.
(2011). We believe the differences were most likely due to 1) we did not record data from the
organic horizon, and 2) the values derived by Chmura et al. (2011) were recorded using a static
chamber that collected both soil and plant root efflux. We recommend a field experiment, similar
to those employed by Chmura et al (2011), using a LI-Cor trace gas analyzer to measure the CO2
and CH4 efflux before and after the SCM lagoon phase. The data would help calibrate our results
to those collected by Chmura et al. (2011). Furthermore, a comparative GHGs efflux study of
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fresh water and brackish wetland system dominated by Typha would significantly improve our
understanding of the impact of salinity on SCM's GHG efflux.
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Table 2. The percentage of Fe2+, FeS, total percentage of oxidized (Tot Ox) iron paint and percentage of total iron
paint that was reduced (Tot Red) on IRIS tubes from a preliminary investigation of SCM
biogeochemistry during the system's lagoon phase, July, 2013. Results indicate that during the lagoon
phase of the marsh, significant reduction of iron and sulfur took place. Single factor ANOVA analyses
indicates that there were significant differences for both the total % oxidized and the % reduced paint
between the zones dominated by Distichlis and Juncus, and Distichlis and Typha (P <0.05) (± = SEM).
Zone
Fe2+
FeS
Tot Ox†
Tot Red‡
%
%
%
%
Distichlis
63.20 ± 0.05
28.23 ± 0.05
8.57 ± 0.00
91.43 ± 0.00
Juncus
45.07 ± 0.02
19.34 ± 0.05
35.59 ± 0.03
64.41 ± 0.03
Typha
58.93 ± 0.05
11.29 ± 0.00
29.77 ± 0.06
70.23 ± 0.06
† P < α of 0.05 among Distichlis and Juncus and Distichlis and Typha based on single-factor ANOVA and post
hoc analyses
‡ P < α of 0.05 among Distichlis and Juncus and Distichlis and Typha based on single-factor ANOVA and post hoc
analyses
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Table 3. Soil and pore water salinity, pH, bulk density (BD), and depth of the O horizon data for all three
investigated halophytic zones in Scotts Creek Marsh. Values are means (with standard error) for all soil
cores per zone (± = SEM).
Zone
Soil Salinity
Pore Salinity†
pH
BD
O Depth‡
ppt

ppt

Distichlis

0.77 ± 0.16

21.58 ± 0.10

Juncus

1.26 ± 0.36

12.19 ± 0.04

g cm-3

cm

6.11 ± 0.10

1.37 ± 0.61

9.5

6.44 ± 0.07

1.04 ± 0.46

5

Typha
0.79 ± 0.16
7.68 ± 0.07
6.39 ± 0.11
1.27 ± 0.57
3
† Data taken from 2013 Decagon data logger that measured soil pore water salinity over a 5-month period before
and after the lagoon phase of the marsh.
‡ Depth of the O horizon for each zone based on 2013 pedological description of their soil profiles. Significant
relationship between soil pore water salinity and depth of O horizon (R2 = 0.99, P = 0.01).
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Table 4. Reduced and oxidized initial soil C concentrations (A2 [C]), annual CO 2 (C-CO2), and CH4 efflux (CCH4) and the percentage initial soil C lost as CH4 and CO2 during the 32-day incubation (± = SEM).
Treatment
Zone
A2[C]
C-CO2 †
% C-CO2
C-CH4§
% C-CH4
-2
-2
-1
gCm
g C m yr
%
g C m -2 yr -1
%
Distichlis
6010.16 ± 371.95
481.51 ± 83.84
8.01
0.26 ± 0.03
0.00
Ox
Juncus
4933.24 ± 398.01
466.91 ± 109.06
9.46
0.11 ± 0.02
0.00
Typha
7057.70 ± 642.50
821.70 ± 160.53
11.64
0.20 ± 0.04
0.00
Distichlis
5655.14 ± 86.08
334.26 ± 27.22
5.91
0.17 ± 0.06
0.00
Red
Juncus
4479.39 ± 369.14
216.65 ± 30.13
4.84
0.20 ± 0.04
0.00
Typha
7499.08 ± 640.76
409.50 ± 112.94
5.46
0.13 ± 0.02
0.00
†
Significant difference between oxidized and reduced samples based on fixed two factor nested ANOVA
analyses (p = 0.00, α = 0.05)
§ No significant difference between oxidized and reduced samples based on fixed two factor nested ANOVA
analyses
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Figure 8. CO2 efflux measurements during the 32-day incubation experiment for both the reduced and oxidized
sample for all three zones. Significant differences were found between treatments (P < 0.01) and between
halophytic zones (P = 0.03).
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Daily CH4 Efflux
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Figure 9. CH4 efflux during the 32-day incubation experiment for both the reduced and oxidized sample for all three
zones. Significant differences were found between treatments (P = 0.02) and between halophytic zones (P
= 0.01).
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CHAPTER 4
NITROGEN DYNAMICS UNDER WET AND DRY CONDITIONS IN THREE
HALOPHYTIC ZONES WITHIN A CALIFORNIA LAGOON SALT MARSH
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Introduction
Ecosystem biogeochemical pathways are significantly dependent on the availability and
recycling of nitrogen (N). Nitrogen often limits primary production since it is an integral part of
enzymes that mediate the reduction or oxidation of carbon (C) compounds and is an essential
amino acid component. Since the largest pool of N resides in the atmosphere as inert dinitrogen
(N2), N cycling is dominated by biogeochemical pathways that convert N2 to more reactive
forms that then cycle through a variety of forms and pathways (Schlesinger, 2013).
The nitrogen cycle begins with nitrogen fixation, a microbially mediated conversion of
N2 directly to ammonium (NH4+), which is rapidly incorporated into organic matter (OM) within
the cells carrying out fixation. The N in this OM is subject to N mineralization or
ammonification, which transforms bound N to soluble NH4+ during the process of degradation or
decomposition. Once mineralization has occurred, NH4+ can proceed down several different
pathways reliant on the environment's biogeochemical characteristics. Depending on the soil's
texture and mineralogy, NH4+ can be adsorbed by soil particles and occluded or leached out of
the system entirely. As well, NH4+ can be absorbed by plants and microorganisms and converted
back into organic N in a process known as immobilization. In alkaline environments with a pH
>8, volatilization can occur, transforming NH4+ to ammonia (NH3) and removing N from the
system as a gas.
The NH4+in soils are also subject to nitrification under aerobic conditions, a two-step
microbially mediated process that first converts NH4+ to nitrite (NO2-) and then nitrate (NO3-).
This process also produces variable amounts of N2O. Do you want to explain how? Since NO3- is
an anion and is not adsorbed to soil particles, it is highly mobile. Under anaerobic conditions,
two major pathways can occur; dissimilatory nitrate reduction to ammonia (DNRA) will convert
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NO3- to NH4+ and energy. Alternatively, NO3- can be utilized by facultative bacteria as a terminal
electron acceptor to produce energy and release N back to the atmosphere as N2 or N2O in a
process known as denitrification.
These N cycle processes are variably expressed and regulated in different ecosystems
depending on their characteristics. Wetland soils often have reduced and oxidized zones (root
rhizosphere and thin topsoil layer) that create concentration gradients. The gradients play a
critical role in deciding the fate of soluble N. In anaerobic zones, NH4+ concentration gradients
can develop, while under aerobic conditions, NO3- can accumulate, creating a different type of
concentration gradient since the diffusion rate is seven times faster than that of NH4+. Coupling
between aerobic and anaerobic zones creates dynamic process interactions in wetlands. For
example, NO3- production in aerobic zones, for example in the oxidized rhizosphere of certain
wetland plants can be diffused into adjacent anaerobic zones where it is denitrified to either N2 or
N2O (Chmura et al., 2011; Megonigal et al., 2004; Megonigal and Neubauer, 2009). More
dramatic differences occur during widespread drying, when large volumes of wetland soils
become aerobic leading to increases in mineralization and nitrification. These increases can lead
to exports of NO3- from the wetland in runoff or groundwater flow, and to high rates of
nitrification-derived N2O. Rewetting of these dried soils that re-establishes anaerobic conditions
can lead to bursts of N2O production associated with denitrification.
The N cycle in wetlands is often strongly affected by inputs of reactive N from
surrounding environments. Examples of nonpoint external N sources are atmospheric deposition,
runoff from agricultural and urban systems, and stormwater runoff (Reddy and Delaune, 2008).
Wetlands play a critical role by acting as buffers to reduce heavy loads of reactive N from
entering aquatic ecosystems. When excess reactive N reaches wetlands, several pathways recycle
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N and allow wetlands to be viable N sinks. First, N can go through nitrification, converting NH4+
to NO3- which can then go through denitrification, returning excess N into the atmosphere as
either N2 or N2O. Second, plants can take excess nitrogen and convert it into organic N. Upon
death, plants will return the organic N into the wetland where, due to anaerobic conditions, the
organic N will go through a slow decomposition process. Once released, biologically available N
can again be used by plants or become unavailable because of microbial use and recycling.
While wetlands have a demonstrated ability to function as sinks for N, excess
anthropogenic N additions create a potential for environmental impacts under variable
environmental conditions. In N-enriched wetlands, the cycle of drying and rewetting described
above can lead to hydrologic exports of NO3- and high emissions of N2O (Chmura et al., 2011;
Megonigal et al., 2004; Megonigal and Neubauer, 2009; Roughan et al., 2018). One molecule of
N2O is 298 times more potent as a greenhouse gas than CO2, and N2O is now the dominant
anthropogenic cause of ozone depletion (Ravishankara et al., 2009). Exports of NO3- are a
concern where coastal waters are highly sensitive to N-induced eutrophication (Conley et al.
2009).
Scotts Creek Marsh (SCM) is a California coastal salt marsh located on Swanton Pacific
Ranch in Davenport, CA, approximately 100 km south of San Francisco (Hayes et al., 2008)
(Figure 1). The marsh is an ideal location to study coastal wetland N dynamics for several
reasons. SCM is an anthropogenically enhanced salt marsh. Initially, the marsh was limited in
size and restrained to a tiny portion of the mouth of Scott’s Creek. After the relocation of Route
1 and the levees' construction, the marsh grew and expanded. Route 1 and the levees create
artificial barriers that protect the marsh from wave activity and intense storm surges, allowing for
marsh stabilization and controlled environmental conditions ideal for research.
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The system currently has developed into a unique lagoon salt marsh with recognizable
halophyte zonation (Figure 3). During the driest months of the year, decreased flow rates of
Scotts Creek and continuous wave energies can close the mouth of the creek, forming an
ephemeral lagoon (Hayes et al., 2008). The marsh then remains flooded until the watershed flow
exerts enough pressure to break the sand bar at the creek's mouth. Unlike traditional coastal
wetland systems, SCM soils are not flooded and aerated on a daily, tidal basis. Instead, SCM
soils experience alternating sustained aeration and saturation periods over several months,
changing the soil's biogeochemistry.
Here we provide data on the N cycling and N2O production from Scotts Creek Marsh.
Our study's goals were to 1) quantify the flux of N2O during the marsh’s wet and dry periods and
2) determine how these fluxes were linked to other nitrogen cycle processes (mineralization,
nitrification, microbial biomass N) in different zones of the marsh, under aerobic and anaerobic
conditions.
Gormley and Vaughn conducted a preliminary study to investigate the redox chemistry of
the soils within SCM before and during the lagoon phase of SCM in 2013. Three wells were
installed within the three major halophytic zones to record soil pore water salinity (Table 3).
Indicators of Reduction in Soils or IRIS tubes were installed in the study area's three halophyte
zones before and during the marsh's lagoon phase to investigate the marsh's redox chemistry.
IRIS tubes demonstrated that significant iron (Fe3+) and sulfate (SO42-) reduction occurred when
SCM soils are saturated (Table 5) Therefore, we hypothesized that the saturation of SCM soils
would significantly reduce the production and release of NO3- and N2O.
We also hypothesized that variation in vegetation, hydrology, salinity and the spatial
distribution of N would lead to signification differences in NO3- and N2O dynamics between the
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different halophyte communities within the study area. Since high salinity typically results in the
reduction of N2O production in wetlands, we anticipated that areas dominated by Typha latifolia
would have the greatest production of NO3- and N2O followed by the zones of Juncus lesueurii
and Distichlis spicata. In addition to salinity, we expected that these patterns would also be
driven by high total N stocks in the Typha zone that create a pool of N that is mobilized by
drying and rewetting.

Methods and Materials
Study Area
Scotts Creek Marsh (SCM) is located at the end of Scotts Creek watershed on Swanton
Pacific Ranch in Davenport, California (Figures 2 and 3) (37° 2' 29.96" N and 122° 13' 44.23"
W). Geologically, SCM lies on the Salinian structural block bounded by the Sur-Nacimiento and
the San Andreas faults (Stanley, 1984). The Salinian block consists of mostly Cretaceous quartz
diorite covered by Mesozoic arkosic sandstone of the Santa Maria Formation covered by the
upper Miocene Santa Cruz mudstone (Brabb, 1989; Stanley, 1984). The watershed is
approximately 70 km2 and consists of three main tributaries, Little, Big, and Mill Creeks (Hayes
et al., 2008). Located within the Major Land Resource Area, 4B (Coastal Redwood Belt), the
streams that make up the upper portions of the watershed are typically high gradient with
extensive coastal redwood (Sequoia sempervirens) canopies (Hayes et al., 2008; USDA, 2010).
The lower portions of the watershed consist of low gradient streams with an overstory
canopy consisting of alders (Alnus sp.) and understory dominated by willows (Salix sp.) (Hayes
et al., 2008). The mean annual precipitation for Davenport, California is 801 mm (32 inches),
and the mean annual maximum and minimum temperatures are 20 °C (68 °F) and 8.89 °C (47
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°F), respectively (NOAA, 2019). According to the Soil Survey of Santa Cruz County, California
(Bowman and Estrada, 1980), the research area can be found in Section 19, Township 10 South
Range 3 West, and the dominant soil types for the marsh are Map Unit 103, Aquents (77%) and
Map Unit 171, the Soquel loam (23%).
Like most coastal salt marsh ecosystems, SCM's vegetation is dominated by salt-tolerant
grasses and rushes that develop distinct, identifiable areas known as spatial zoning with three
plant species, Distichlis spicata, Juncus lesueurii, and Typha latifolia dominating the site (Figure
3). Our study area focused on the northern marsh section and the three halophytic zones
(Distichlis, Juncus, and Typha), with areas of 1.12, 1.16, and 1.99 ha, respectively. Using
ArcGIS, the area of interest was gridded into 6m x 6m tiles using the fishnet geoprocessing tool.
Next, the grid was refined to eliminate any tiles located in or near the channels and sections
sampled in prior studies. Next, the tile identifications were exported to randomly select six sites
from each zone for 18 random sampling locations. Although six sites were chosen, five were
used, with the 6th acting as an alternative sampling site in case field conditions did not permit
one of the five sites to be utilized.

Sampling and Processing
At each sampling location, five radially clustered soil cores were extracted using an AMS
Russian Peat Borer from the top of the mineral horizon to a depth of 50 cm for a total of 15 cores
(5 per zone). The organic or O horizon was not sampled because of the difficulty of obtaining
intact core sections with enough sample materials for analyses. Each core was immediately
subsampled into 5 cm sections for a total of 10 subsamples per core (Figure 4). All 5 cm
subsamples for each depth (0-50 cm) from the five radial clustered cores were combined to form
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a single composite core (total of 5 composite cores per zone). In each zone, 200 mL of water
were extracted and stored in a 1 L Nalgene wide-mouth bottle. All soil and water samples were
immediately placed in a cooler for preservation and storage.

Soil Dry Bulk Density, Gravimetric Water Content, pH and Salinity
All soil samples were homogenized by hand, and all visible particulate organic (large
roots and debris) and inorganic (pebbles or rock fragments) matter (>2mm) were removed using
forceps, weighed, and cataloged. Once all particulate matter was removed, an adjusted fresh soil
sample weight was calculated and used for bulk density calculations. Gravimetric soil moisture
content was measured as a loss after drying at 60 °C for 48 hours. This temperature was chosen
since organic matter can be oxidized at higher (105 °C) temperatures. Dry bulk density was
calculated using the known volume of the soil corer and the oven-dry soil weights. The soil pH
and salinity were obtained by sampling 20 g of soil and placing it into a 50 mL centrifuge tube.
Next, 20 mL of distilled and deionized water was carefully added to the sample to create a 1 to 1
ratio. Sample test tubes were tightly sealed, gently swirled, and then allowed to stand for an hour.
While waiting for the samples to settle, the pH probe was calibrated using 5, 7, and 10 external
standards. The salinity probe was also calibrated but required only a single external standard for
calibration. After an hour, sample temperature, pH, and salinity were measured and recorded.

Total C and N
Aliquots of each sample (3 g) were placed on a watch glass and treated with five drops of
1 N HCl to test for the presence of carbonates that would need to be removed before analysis.
Since none of the samples effervesced (evidence of carbonates), no other treatment was
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necessary. Next, 5 g of sample were dried at 60 °C for 48 hours and then finely ground and
homogenized using a mortar and pestle, sieved, and then stored in a 50 mL centrifuge tube.
Samples (1 g) were loaded into crucibles, and total C was quantified using an Elementar Vario
Max cube combustion analyzer. Standard calibration curves were established using natural
reference material B2178 (Medium Organic Content Sediment) from Elemental Microanalysis
with certified values of (% w/w) of 2.46 for C (+/- 0.22) and 0.16 for N (+/- 0.01). Sample
duplicates and external standards were run after every ten samples to ensure instrument
calibration was maintained during each run.

Composite Core Extractable NH4+ and NO3- Concentrations
The concentrations of extractable NH4+ and NO3- were obtained by first dispensing 20
mL of 2M potassium chloride (KCl) into a 50 mL specimen cup containing 5 g of fresh soil.
Samples were then placed on an orbital shaker and shaken for an hour at 125 rpm, and then
allowed to settle for an hour. After settling, the samples were filtered through no. 42 Whatman
filters into glass scintillation vials. Once all filtrates were collected, the scintillation vials were
immediately sealed and placed in a laboratory refrigerator until analysis. A Lachat QuikChem
Flow Injection Analyzer was used to obtain the NH4+ and NO3- concentrations of the analyte.
NH4+ and NO3- standard calibration curves ranging from 0.01 ppm to 2.00 ppm were established
to test all samples initially. Any samples above this range were immediately reanalyzed using a
standard calibration curve ranging from 0.07 ppm to 20.00 ppm. All runs consisted of an initial
and final standard calibration curve with both standard and sample duplicates every ten samples
to maintain instrument accuracy and precision.
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Thirty-Two Day Incubation to Determine Soil N2O Efflux
A 32-day soil incubation study was conducted to quantify N2O efflux under aerobic and
anaerobic conditions for the top 0-10 cm of the mineral horizon. After soil processing, 10 g of
fresh soil from the 0-10 cm depth of each composite soil core was placed into six different 50
mL centrifuge tubes for a total of 90 incubations (30 per zone x 3 zones). Half of the samples
were covered entirely in deoxygenated water collected from each SCM zone to create anaerobic
conditions (15 reduced samples per zone x 3 = 45 total reduced samples). Treatment waters were
first filtered and then autoclaved under 25 psi of pressure at 121 °C for 60 minutes. The water
was then deoxygenated using analytical grade N2. The remaining samples were allowed to air
dry to create aerobic soil conditions (15 oxidized samples per zone x 3 = 45 total oxidized
samples). Next, 3 sample tubes from each treatment per composite core were placed into 30, 64
oz. wide-mouth mason jars; thus, each jar contained three centrifuge tubes.
At the start of the experiment, 1 sample from each jar was removed for initial analyses
(A1) of total soil C and N concentrations and extractable NH4+ and NO3- (15 reduced + 15
oxidized). All jars were then flushed with analytical grade N2 and sealed with a lid fitted with a
rubber septum. Two additional empty jars were flushed with analytical grade N2 and served as
experimental blanks. Jars were then placed in boxes so that the incubation could be carried out in
the dark at a constant temperature of 25 °C. The incubation was allowed to run for four
conditioning days to reduce artifacts associated with soil processing and wetting. After the
conditioning period, 1 sample from each jar was removed for analyses (A2) of total soil C and N
concentrations and extractable NH4+ and NO3- to act as the time zero (T0) baseline. The jars,
now containing one incubation sample (A3), were then flushed with analytical grade N2, sealed,
and allowed to incubate. Upon the completion of the 32-day incubation period, all of the
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remaining samples were removed for final analyses (A3). All analyses of C, N, NH4+, and NO3for the incubated samples were conducted as described above. The following equations were
used to calculate potential net mineralization and nitrification.

Mineralization = [((Final NO3 + Final NH4) - (Initial NO3 + Initial NH4))/incubation time]
Nitrification = [((Final NO3) - (Initial NO3))/incubation time]

Rates were converted from µg N gram dry soil -1 day-1 to g N m-2 yr-1 using the average bulk
density for the 0-10 cm horizon.
Every four days, 8 mL of gas was extracted from every jar using a 22-gauge needle and
transferred to a 6 mL evacuated exetainer vial to obtain N2O gas concentrations. To mix the air
within the jar before sampling, each time a syringe was plunged into the jar's septa, 8 mL of air
was pulled and then immediately pushed back into the jar three times. Two vials containing just
laboratory air and an additional two vials containing analytical grade N2 were also tested on
every sampling date. After gas samples were collected, 8 mL of analytical grade N2 was injected
into all of the jars to maintain the internal jar pressure. Laboratory temperature, atmospheric
pressure, and time were recorded for each gas extraction. Before sample gas extractions, 6 mL
triplicate N2O standard calibration vials with concentrations 0.25, 0.50, 1.55, 5.00, 28.20 ppm
were created. One set of N2O standard calibration vials was used for establishing calibration at
the beginning of each run. Along with duplicate sample vials, after every nine samples, two
standard vials were used to check the instrument's precision and accuracy during each run. A
third and final set of calibration standard vials were used to account for possible instrument drift
at the end of every run.
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Nitrous oxide concentrations were obtained using a Shimadzu GC-2014 gas
chromatograph optimized for trace greenhouse gas analysis. All sample peaks were manually
adjusted using the accompanying LabSolutions program. Adjusted peaks were then exported to
an Excel spreadsheet, and N2O concentrations (ppm) were calculated using polynomial
regression equations based on each run's beginning and ending standard calibration curves. Rates
of N2O flux on a per-day basis were then calculated by first calculating the amount of air a jar
could hold using the universal gas law:

n = (PV/RT)*1000 = amount of air jar can hold in mmols

where V = 0.958 L, R = 82.05 mL atm/mol K, T = 293.15 K and P = 0.9678 ATM. Once n was
calculated, N2O concentrations were converted from ppm to µg N-N2O per gram of dry soil by
using the concentration of N2O in the following equation:

µg N-N2O gram dry soil-1 = ((ppm N2O)*(n)*(10-3)*(14.01))/g of dry soil

Next, the rates of N2O flux on a per-day basis were calculated by dividing the µg N-N2O gram
dry soil-1 values by the number of days between each sample period (4 days). Since the
experiment was a continuous 32-day incubation, the accumulation of N2O was accounted for by
subtracting the previous concentration from the current calculation and dividing it by the number
of days since the last reading (4 days). Rates were converted to g N m-2 yr-1 by using the soil dry
bulk density for each sample.
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Microbial biomass N
Microbial biomass N (MBN) content was measured on all 0-10 cm soil samples from
each zone using the chloroform fumigation incubation method (Jenkinson, 1976). Although the
microbial biomass (MB) only constitutes approximately 1-5% of all SOM, it is essential because
1) it is a significant constituent of the labile portion of the soil organic matter pool, 2)
approximately 50% of the nutrients soils provide to plants is derived from microbial biomass and
3) it plays a significant role in regulating the cycling of soil nutrients such as N, P, and S
(Jenkinson and Rayner, 1977; Jenkinson and Ladd, 1981; Jenkinson and Parry, 1989; Ladd et al.,
1981; McGill et al., 1986; von Lu¨tzow and Ottow, 1994; Wardle, 1992).
First, 10 grams of field moist soil from the 0-10 cm depth of each sample was placed into
a 50 mL glass beaker. Then a 50 mL beaker containing 10 mL of analytical grade chloroform
and Teflon boiling chips was carefully positioned into the center of the desiccator. Once all
samples and chloroform were carefully positioned inside the desiccator, a lid with a sidearm
valve connected to a vacuum pump via tubing was used to seal the desiccator. Next, the pump
was turned on to bring the chloroform to a boil. The desiccator valve was then closed, and the
pump turned off to allow the chloroform to saturate the samples for 24 hours. The following day,
once the desiccator had been thoroughly vented, each fumigated sample was transferred to its
own 64 oz. wide-mouth mason jar that contained its corresponding fresh (unfumigated) soil and
gently mixed.
Once the samples had all been inoculated, the lids were sealed. Unfumigated “controls”
were established by adding 10 grams of fresh soil directly into a 64 oz. wide-mouth mason jar
and sealed. When all jars were ready, they were placed in the dark at a constant temperature of
25 °C for ten days. After the ten-day incubation period, samples were extracted and analyzed for
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NO3- and NH4+, as described above. The amount of N extracted from the fumigated sample is
assumed to be directly proportional to the sample's microbial biomass N content. However,
because not all of the released N is mineralized by the soil microbial community, the extracted N
values were divided by a KN value of 0.54 (Herbert et al. 2020, Brookes et al. 1985). The MBN
values were then converted to g N m-2 using the soil dry bulk density values.

Statistics
To answer our research questions and see if there were significant differences in the N
stock and extractable NH4+ and NO3- among the halophytic zones studied, we conducted oneway ANOVA analyses of their means with an alpha value of 0.05. For analyses done by depth
(0 - 50cm), two-way ANOVA analyses were conducted to see if there existed significant
differences between halophytic zones and depth. Fixed, two-factor nested ANOVA analyses
were done on all incubated samples to test significance between reduced and oxidized samples
and initial, postconditioning, and final samples. Since ANOVA analyses only determine if there
is a significant difference between sample means, we used a Tukey-Kramer post hoc test to
compare the zones and identify exactly which pairing (Distichlis – Juncus, Distichlis – Typha,
and Juncus – Typha) the significance lay.
Results
The zones dominated by Juncus had the highest soil salinity value at 1.26 ppt, followed
by Typha, 0.79, and Distichlis, 0.77 (Table 6). Soil pore water salinity sampled during the 2013
preliminary study differed from the soil salinity. The pore water salinity was most significant in
the zones dominated by Distichlis, 21.58 ppt, followed by Juncus, 12.19 ppt, and Typha zones
had the lowest recorded value, 7.68 ppt. The pH followed a similar pattern as soil salinity, with
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Juncus's areas having the highest pH, 1.26, Distichlis the lowest, 6.11, and Typha falling in the
middle at 6.39. Bulk density (BD) for the three zones varied, but no statistical significance was
found between them. The bulk density was highest within the Distichlis zone, 1.37 g cm-3, 1.27
g cm-3 in the Typha zone, and lowest in the Juncus zone, 1.04 g cm-3.
There were no significant differences between the halophytic zones when it came to the
percent N. The % N values were 0.27, 0.25, and 0.25 for the Typha, Distichlis, and Juncus zones,
respectively (Table 7) The C:N ratios differed between the three halophytic zones based on our
analysis. Typha's zones had the highest C:N ratios at 17.45, followed by the Distichlis zones,
14.65, and Juncus, 14.30. The N concentration for each zone differed, with Distichlis having the
greatest N concentration, 22.43 Mg N ha-1, and Juncus zones having the least, 18,42 Mg N ha-1.
Typha zones averaged 19.95 Mg of N per hectare within SCM. The microbial biomass N
(MBN) differed between zones; however, it did not differ significantly. The MBN was most
significant within the Juncus zone (3.20 g N m-2), followed by the Typha (2.51 g N m-2) and
Distichlis (2.47 g N m-2) zones, respectively.
The nitrogen density was similar to the soil density, with zones dominated by Distichlis
having the greatest nitrogen density (4.49 mg N cm-3), followed by Typha (3.99 mg N cm-3) and
Juncus (3.68 mg N m-3) zones (Table 8). The differences in ammonium and nitrate
concentrations within each of the three zones differed; however, although the variance between
the three zones was great, statistical analysis found no significant differences (NH4+ P = 0.57,
NO3- P = 0.14). Distichlis zones had the greatest concentration of NH4+ (13.92 µg N g soil-1).
The Typha zones had the second-highest concentrations of NH4+, then Typha (9.03 µg N g soil-1)
and then Juncus (4.54 µg N g soil-1). Nitrate differed from ammonium since zones with Juncus
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(40.36 µg N g soil-1) had the highest concentrations, followed by Distichlis (28.08 µg N g soil-1)
and Typha (25.58 µg N g soil-1) respectively.
There were significant differences between zones for BD, %N, and Nρ at different 5 cm
depths (Table 9); however, there was no direct correlation nor any recognizable pattern to the
variations between zones at specific depths. Fixed two-factor nested ANOVA analyses
comparing the top 0-25 cm to the bottom 25-50 cm for each zone showed that the soil bulk
density significantly increased with depth (P < 0.01) even though there was no variation between
zones (P = 0.06). Although the top and bottom 25 cm % N did not vary significantly, the BD
increase directly impacted the statistical significance of the variation found in the Nρ. Nested
ANOVA analyses demonstrated a similar increase in the Nρ with depth (P < 0.01) and singlefactor ANOVA (P < 0.01), and Tukey analyses confirmed that the variation was significant when
comparing the Distichlis to the Juncus and the Typha zones (q = 3.82 and 5.30) but not when
comparing the Juncus and the Typha zones.
Like many natural coastal wetland soils, most of the NH4+ in each zone was concentrated
in each zone's lower 25 cm (Figure 10). Average NH4+ for the top 0-25 cm in the Distichlis zone
was 1.52 µg N g soil-1, 0.11 for the Juncus zone and, 0.73 for the Typha zone. The NH4+
averages for the bottom 25-50 cm depths for the Distichlis zone increased to 2.36, 2.75 the
Juncus zone, and 1.08 for the Typha zone. The opposite occurred for NO3- as data suggest that
concentrations decreased with depth. NO3- concentrations started as high as 6.75 µg N g soil-1 in
the Juncus zone, followed by 4.08 for the Distichlis zone and 4.06 in the Typha zone. The values
decreased significantly for the bottom 25 cm as the Distichlis zone decreased to 1.54, 1.32 in the
Juncus zone, and as low as 1.06 for the Typha zone.
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The 32-day incubation experiment revealed no differences in N2O evolution between the
halophytic zones (P > 0.05); however, there was a significant difference between oxidized and
reduced samples (P < 0.05) (Table 10). The total N2O production for reduced samples was 0.08 g
N m-2 yr-1 with an average of 0.03 ± 0.01 g N m-2 yr-1. The oxidized samples averaged 0.18 ±
0.06 g N m-2 yr-1 N2O produced with a total of 0.53 g N m-2 yr-1. For the oxidized samples, the
Typha zone produced the greatest amount of N2O at 0.28 g N m-2 yr-1 with the Juncus zone
coming second at 0.12 g N m-2 yr-1 and the Distichlis, producing the least at 0.12 g N m-2 yr-1.
The zone dominated by Juncus produced the most N2O, 0.05, then Distichlis, 0.02, and the least
was Typha, 0.01 g N m-2 yr-1.
The extractable reduced and oxidized NH4+ and NO3- concentrations significantly varied
but not between the three halophytic zones during the 32-day incubation (Tables 11 and 12).
The total NH4+ concentrations for the reduced samples were 15.19 µg N g soil-1 with an average
of 5.06 µg N g soil-1 per zone. Compared to the reduced samples, oxidized NH4+ concentrations
were significantly lower (P < 0.05), 0.09 µg N g soil-1, and an average of 0.03 µg N g soil-1. The
total and average NO3- concentrations for the oxidized samples were significantly greater than
those that were reduced (P < 0.05). The total reduced NO3- concentrations were 0.88 µg N g soil1

with an average of 0.29 µg N g soil-1 compared to the oxidized total concentration of 42.84 µg

N g soil-1 and an average of 14.28 µg N g soil-1. There were no significant differences for both
NH4+ and NO3- when comparing initial [A1] reduced and oxidized samples. However, as the
experiment progressed, NH4+ and NO3- dynamics significantly varied between reduced and
oxidized samples (A2 to A3).
Reduced ammonium concentrations increased from the beginning of the experiment to
the end of the experiment for all three zones (Table 11). The Juncus zone samples saw the
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greatest increase from 0.62 to 6.17 µg N g soil-1, followed by the Typha zone, which increased
from 1.08 to 4.68, and the Distichlis zone increased from 1.68 to 4.43. Oxidized NH4+ samples
did not significantly vary between zones, but the concentrations significantly increased from the
beginning of the experiment (A1) to the end of the incubation (A3). Nitrate samples significantly
varied from the beginning to the end of the experiment between reduced and oxidized samples.
As the incubation progressed, NO3- concentrations for the reduced samples significantly
decreased (Table 12). The Juncus zone saw the greatest decrease going from 9.06 to 0.27 µg N g
soil-1, followed by the Distichlis zone, which saw a 4.41 difference from 4.55 to 0.14, and
finally, the Typha zone had a smaller decrease from 4.30 to 0.47. The oxidized NO3- saw an
inverse trend as NO3- concentrations significantly increased during the incubation in all three
zones. The Juncus zone NO3- increased the most from 8.64 to 17.69 µg N g soil-1, followed by
the Distichlis zone, which increased from 7.44 to 16.22. The Typha zone with the lowest NO3concentrations increases from 5.40 to 8.93.
Our study shows that potential net mineralization did not significantly vary between
reduced and oxidized samples (Table 13). Our study mean mineralization rates for the oxidized
samples was 23.96 mgNm-2day-1, and for the reduced samples, 17.55 mgNm-2day-1. Unlike the
mineralization rates, the nitrification rates did vary significantly between the reduced and
oxidized samples. The mean nitrification rates for the reduced samples were -0.26 mgNm-2day-1
compared to the oxidized mean of 8.67 mgNm-2day-1.
Discussion
As expected, there were dramatic differences in N cycling processes under wet
(anaerobic) versus dry (aerobic) incubation conditions. Under aerobic conditions, ammonium
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was oxidized to nitrate by nitrification leading to very low pools of ammonium, high pools of
nitrate, and high rates of N2O production.
Our hypothesis that the zones dominated by Typha would have the highest N
concentrations was proven incorrect. Although Typha had the greatest %N, the amount of N
(MgNha-1) was greatest in the zones dominated by Distichlis. ANOVA analysis also found
significant differences between the Distichlis and Typha zones but not between the Juncus and
Typha zones. The C:N ratios are essential in understanding the N cycling within SCM because it
indicates the balance between N mineralization and immobilization processes. Ratios above 25
indicate that immobilization is dominant over N mineralization leading to lower plant-available
N (Reddy and DeLaune, 2008). Wang et al. (2001) found that anaerobic metabolism required
less N than aerobic metabolism suggesting immobilization might not occur until higher C:N
ratios. All three zones in this study had C:N less than 20 suggesting mineralization is the more
prominent pathway within the 0-50 cm of the mineral horizon for decaying organic N.
The significantly higher C:N in the Typha zone is not too surprising since although it had
the largest %N, it also had the greatest %C. Furthermore, the Typha zone had the lowest soil pore
water salinity at 7.68 ppt, followed by the Juncus zone with 12.19 ppt and the Distichlis zone
with the greatest concentration of 21.58 ppt (Table 6). Increased salinity in coastal soils tends to
enhance plant N uptake, directly increasing plant litter deposition (Person and Ruess, 2003;
Dausse et al., 2012). This increase in biomass deposition typically increases the soil C and N
concentrations within coastal wetland soils (Zhou et al., 2017). Our data indicated a statistically
significant relationship between soil pore water salinity and the O horizon (Figure 17). However,
even though N concentrations varied significantly, unlike the study by Zhou et al. (2017), we did
not find a significant relationship between salinity, depth of O horizon, and total N
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concentrations. The Distichlis zone had the greatest amount at 22.43 Mg N ha-1, followed by the
Typha zone at 29.95, and the Juncus zone contained the least with 18.42.
Additionally, despite having the deepest O horizon and highest N content, the MBN for
the Distichlis zone (Table 7) only constituted 11% of the total N stock. Surprisingly, the Juncus
zone had the greatest amount of MBN, which accounted for 17% of the total N stock for that
zone. Our findings were significantly lower (Ave % MBN = 0.14) than the published range of
0.5 – 3.0% by Reddy and DeLaune (2008) for the % of N comprised by MBN for wetland
systems. The lower MBN may be because our study did not study the O horizons for each zone,
and SCM soils annually experience alternating aerobic and anaerobic periods. Contrary to Zhou
et al. (2017), who reported an inverse relationship between MBN and soil salinity, our study
found a significant relationship between the two variables (r = 0.99, R2 = 0.99, P = 0.01) (Figure
17).
Based on previous studies, we would have expected to see a direct relationship between
salinity and NH4+ (Person and Ruess, 2003; Dausse et al., 2012; Kuzyakov et al., 2000;
Antheunisse et al., 2007; Noe et al., 2013). Studies indicate that increased salinity correlates with
increased available organic matter that can be mineralized. However, we found no significant
relationship between the two, and there were no statistically significant differences between
zones in soil NH4+ and NO3-. Several studies have shown that NH4+ tends to concentrate in the
lower portions of the soil profile from, 1) the continuous cycling of N between oxidized and
reduced zones and the development of concentrations gradients and 2) the use of N by plants at
the surface as well as their ability to pump oxygen into the root zones (Megonigal et al., 2004;
Dong et al., 2011; Giblin et al., 2013; Yang et al., 2015; Reddy and D’Angelo, 1994). Nested
ANOVA analyses revealed that NH4+ increased with depth in the halophyte zones we studied
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within SCM. Average NH4+ for the top 0-25 cm in the Distichlis zone was 1.52 µg N g soil-1,
0.11 for the Juncus zone and, 0.73, for the Typha zone.
Although mineralization of organic compounds to NH4+ is slower under anaerobic
conditions, concentration gradients will form between the top layer of aerobic soil (< 5 cm) and
the anaerobic soil layer below (Faulkner and Richardson, 1989; Moore and Reddy, 1994).
Nitrification will rapidly convert NH4+ into NO3- creating a concentration gradient drawing NH4+
upwards. This diffusion process can affect 4-12 cm of the soil profile. Another viable pathway
that could explain the differences in NH4+ and NO3- concentrations in the deeper depths of the
soil profile is DNRA (Megonigal et al., 2004) since oxygen levels (the primary controller of
nitrification) tends to be extremely low (Reddy and D’Angelo, 1994). Early studies focused on
denitrification in the lower soil depths as the prominent N biogeochemical process. However,
more recent studies have shown that DNRA is often the favorable N pathway for coastal soils.
Studies by Gardner and McCarthy (2009), Brunet and Garciagil (1996), Giblin et al. (2010),
Dong et al. (2011), and Algar & Vallino (2014) demonstrated soils with high organic C content
and NO3- tend to lean towards DNRA. Osborne et al. (2015) discovered that reduced sulfur
compounds, found readily in coastal wetland soils (H2S and FeS), can serve as alternative
electron donors facilitating the process of DNRA. As Table 5 indicates, soils in SCM, when
saturated, undergo significant iron and sulfur reduction.
The N2O concentrations did not significantly deviate between zones but did so based on
treatment (Table 6), with oxidized incubations samples producing significantly more N2O than
reduced incubations. We anticipated this outcome since the IRIS study (Table 5) revealed a
significant reduction of iron and sulfur during the marsh's lagoon phase. Our study also revealed
that even though N2O production varies between zone, the differences are not significant. The
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presence of O2 and the continuous steady increase in NO3- concentrations as the experiment
progressed for the oxidized samples suggest that nitrification was a significant pathway for soil
N. The nitrification variation between reduced and oxidized samples was significant based on
our statistical analyses (P < 0.001) (Table 13). As expected, since O2 was limited in the reduced
samples, the anaerobic soils' nitrification rates were negative. Nitrification among the oxidized
samples based on our calculations would constitute a total per annual basis of 5.71% of the N
stock.
Several studies have shown that organic N's mineralization to NH4+ does not require O2;
however, it is significantly reduced under anaerobic soil conditions. In an incubation experiment,
Bridgham et al. (1998) found that aerobic soils' mineralization rates were 2.6 times higher than
anaerobic soils. Compared to the soil N stock, the amount of N mineralized per annual basis was
relatively small for both the reduced and oxidized samples as none of the zones mineralized
more than 3% of the N stock. The mineralization rates fall within the wide range typical of
coastal wetland systems. Martin and Reddy (1997) reported values as low as four and as high as
357 mg N m -2 yr -1 with a mean of 111. Our mineralization data also falls within the range of
values reported by Herbert (1999) for coastal unvegetated sediments (7 – 430 mg N m -2 day -1).
It is likely that had we included the O horizons for the zones we studied, our N mineralization
values would have been higher or similar to the data by Herbert (1999) for coastal vegetated
sediment (50 – 1,125 mg N m -2 day -1).
Although our data indicates mineralization rates for anaerobic soil samples were low,
ammonification of organic N is a potential pathway to explain the significant increase in NH4+
from the beginning to the end of the experiment for reduced samples. The soil pH, temperature,
and C:N ratios were in an optimal range for mineralization to occur rather than volatilization or
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immobilization. The second pathway that could explain the significant trend for NH4+
concentrations in the reduced samples is DNRA. Correlation analyses indicated a weak inverse
relationship between NH4+ and NO3- concentrations (r = - 0.80) even though as the experiment
progressed, NH4+ significantly increased while the NO3- concentration significantly decreased.
Regression analyses indicated that there was a direct relationship between mineralization and
nitrification for the oxidized samples during the incubation (r = 1.00, R2 = 0.99, P = 0.00)
(Figure 18). Our data suggest oxidized NH4+ converted rapidly to NO3- (A1 to A2), but by the
end of the experiment, there were no significant increases (A2 to A3), suggesting that the
available NH4+ for transformation had been spent.
Based on the data collected, N biogeochemistry varies when soils are saturated for a
sustained time. The duration of the lagoon phase should be considered when developing the
management policy of SCM. Future studies should investigate N2 production and nitrite to
document the N dynamics of the system entirely. This could be accomplished in several ways,
but the use of stable isotope probing is strongly recommended. The use of stable isotope tracers
would enable investigators to use phospholipid fatty acid techniques to isolate various active
biological communities and trace N's flow and how it is transformed. Finally, we recommend
that future studies investigate the plant community to ascertain the litter quality. By knowing the
plant community's composition and the associated litter, investigators would better understand
the N cycle and pool.
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Table 5. IRIS results from a preliminary investigation of SCM biogeochemistry during the system's lagoon phase.
Results indicate that during the lagoon phase of the marsh, significant reduction of iron and sulfur took
place. Single factor ANOVA analyses indicates that there were significant differences for both the total
% oxidized and the % reduced between the zones dominated by Distichlis and Juncus, and Distichlis and
Typha (P <0.05).
Zone
Fe2+
FeS
Tot Ox
Tot Red
%
%
%
%
Distichlis
63.20 ± 0.05
28.23 ± 0.05
8.57 ± 0.00
91.43 ± 0.00
Juncus
45.07 ± 0.02
19.34 ± 0.05
35.59 ± 0.03
64.41 ± 0.03
Typha
58.93 ± 0.05
11.29 ± 0.00
29.77 ± 0.06
70.23 ± 0.06

Table 6. Soil and pore water salinity, pH, dry bulk density (DBD), and depth of the O horizon data for all three
investigated halophytic zones in Scotts Creek Marsh. Values are means (with standard error) for all soil
cores per zone.
Zone
Soil Salinity
Pore Salinity†
pH
DBD
O Depth‡
-3
ppt
ppt
g cm
cm
Distichlis
0.77 ± 0.16
21.58 ± 0.10
6.11 ± 0.10
1.37 ± 0.61
9.5
Juncus
1.26 ± 0.36
12.19 ± 0.04
6.44 ± 0.07
1.04 ± 0.46
5
Typha
0.79 ± 0.16
7.68 ± 0.07
6.39 ± 0.11
1.27 ± 0.57
3
† Data taken from 2013 Decagon data logger that measured soil pore water salinity over a 5-month period before
and after the lagoon phase of the marsh.
‡ Depth of the O horizon for each zone based on 2013 pedological description of their soil profiles. Strong and
significant direct relationship between soil pore water salinity and depth of O horizon (R2 = 0.99, P = 0.01).

Table 7. The average % C and N, the C and N ratios, N concentrations, and microbial biomass N for all three
halophytic zones located within SCM.
Zone
C
N
C:N
N†
MBM N
%
%
Mg N ha-1
g N m-2
Distichlis
3.53 ± 0.11
0.25 ± 0.01
14.65 ± 0.32
22.43 ± 0.86
2.47 ± 0.23
Juncus
3.27 ± 0.15
0.23 ± 0.01
14.30 ± 0.34
18.42 ± 0.98
3.20 ± 0.71
Typha
4.68 ± 0.22
0.27 ± 0.01
17.45 ± 0.62
19.95 ± 0.95
2.51 ± 0.55
† Significant difference between zones 1 and 2 based on single factor ANOVA (P = 0.03, α = 0.05) and Tukey
analyses (q = 4.31, Qu = 3.77)

Table 8. The average nitrogen density (NρB), ammonium (NH4+), and nitrate (NO3-) concentrations for the
halophytic zones studied within SCM.
Zone
NρB
NH4+
NO3-3
-1
mg N cm
µg N g soil
µg N g soil-1
Distichlis
4.49 ± 0.17
13.92 ± 3.57
28.08 ± 4.65
Juncus
3.68 ± 0.19
4.54 ± 1.44
40.36 ± 6.60
Typha
3.99 ± 0.19
9.03 ± 1.47
25.58 ± 6.67
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Table 9. Average bulk density (BD), percent N (%N), and nitrogen density (Nρ) by 5 cm depth for the Distichlis,
Juncus, and Typha zones within SCM.
Depth†

DBD (g N cm-3)‡

% N§

Nρ (mg N cm-3)¶

Distichlis
Juncus
Typha
Distichlis
Juncus
Typha
Distichlis
Juncus
Typha
0-5
1.24
1.01
1.05
0.42
0.38
0.43
5.18
3.83
4.46
5-10
1.5
1.06
1.25
0.21
0.22
0.35
3.1
2.26
4.26
10-15
1.76
1.4
1.35
0.19
0.19
0.31
3.33
2.46
4.16
15-20
2.02
1.58
1.47
0.15
0.19
0.25
2.97
2.92
3.7
20-25
1.97
1.75
1.63
0.17
0.19
0.19
3.26
3.25
3.11
25-30
2.02
1.79
1.72
0.2
0.22
0.21
4.05
3.98
3.55
30-35
1.96
1.89
1.76
0.33
0.24
0.23
6.49
4.49
3.92
35-40
1.96
2.01
1.75
0.27
0.23
0.23
5.34
4.55
3.97
40-45
1.93
2.1
1.84
0.3
0.23
0.23
5.65
4.7
4.21
45-50
1.86
2.05
1.83
0.3
0.22
0.27
5.5
4.39
4.58
Mean
1.82
1.66
1.56
0.25
0.23
0.27
4.49
3.68
3.99
SEM
0.11
0.18
0.12
0.04
0.02
0.03
0.57
0.4
0.2
† P < α of 0.05 between the top 0-25 and bottom 25-50 cm of the soil profile for DBD and Nρ
‡ P < α of 0.05 at the 5-10 cm depth between Distichlis and Juncus zones and the 15-20 cm depth between
Distichlis and Typha zones.
§ P < α of 0.05 at the 5-10 cm depth between the Distichlis and Juncus zones and the Juncus and Tpyha zones,
and at the 15-20 cm depth between Distichlis and Typha zones.
¶ P < α of 0.05 at the 0-5 cm depth between Distichlis and Juncus zones, the 5-10 cm between Distichlis and
Typha zones and Juncus and Typha zones, the 35-40 cm between Distichlis and Juncus zones and Distichlis
and Typha zones and the 40-45 cm depth between Distichlis and Typha zones.

Table 10. Incubation postconditioning N concentrations (A2 [N]), N 2O efflux, and microbial biomass N for all
reduced and oxidized samples (± = SEM).
Treatment
Zone
A2 [N]
N2O†
g N m-2

g N m-2 yr-1

Distichlis
407.97 ± 16.26
0.02 ± 0.01
Juncus
420.15 ± 25.03
0.05 ± 0.02
Typha
525.39 ± 32.44
0.01 ± 0.00
Distichlis
435.30 ± 27.32
0.12 ± 0.02
Juncus
471.28 ± 38.05
0.13 ± 0.05
Oxidized
Typha
478.58 ± 49.02
0.28 ± 0.10
† Significant difference between oxidized and reduced samples based on nested ANOVA results (P = 0.00, α =
0.05).
Reduced
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Table 11. Extractable ammonium concentrations (µg NH4+ g soil -1) per zone for the reduced and oxidized initial
(A1), post-conditioning (A2), and final (A3) 32-day incubation samples (± = SEM).
Treatment †

Zone

Initial (A1)

Post Conditioning (A2)

Final (A3)

Distichlis

0.13 ± 0.06

1.68 ± 0.68

4.34 ± 0.83

Reduced ‡

Juncus
Typha
Distichlis

0.00 ± 0.00
0.00 ± 0.00
0.05 ± 0.00

0.62 ± 0.29
1.08 ± 0.47
0.15 ± 0.01

6.17 ± 0.91
4.68 ± 1.47
0.09 ± 0.01

Oxidized §

Juncus

0.00 ± 0.00

0.00 ± 0.00

0.00 ± 0.00

Typha

0.00 ± 0.00

0.00 ± 0.00

0.00 ± 0.00

† P < α of 0.05 between reduced and oxidized samples for both A2 (P = 0.01) and A3 (P = 0.00) samples.
‡ P < α of 0.05 when comparing reduced A1 to A2 (P = 0.02), A1 to A3 (P = 0.00), and A2 to A3 (P = 0.00)
samples.
§ P < α of 0.05 when comparing oxidized A1 to A2 (P = 0.00) and A1 to A3 (P = 0.00) only.

Table 12. Extractable nitrate concentrations (µg N-NO3- g soil-1) per zone for the reduced and oxidized initial
(A1), post-conditioning (A2), and final (A3) 32-day incubation samples (± = SEM).
Treatment †
Zone
Initial (A1)
Post Conditioning (A2)
Final (A3)
Distichlis
4.55 ± 1.25
0.43 ± 0.14
0.14 ± 0.04
Reduced ‡
Juncus
9.06 ± 1.73
0.48 ± 0.11
0.27 ± 0.09
Typha
4.30 ± 2.14
0.59 ± 0.04
0.47 ± 0.04
Distichlis
7.44 ± 1.14
8.23 ± 1.43
16.22 ± 1.38
Oxidized §
Juncus
8.64 ± 2.92
11.77 ± 2.93
17.69 ± 3.07
Typha
5.40 ± 2.32
5.56 ± 2.17
8.93 ± 3.14
† P < α of 0.05 between reduced and oxidized samples for both A2 (P = 0.00)
and A3 (P = 0.00) samples
‡ P < α of 0.05 when comparing reduced A1 to A2 (P = 0.00), A1 to A3 (P = 0.00), and A2 to A3
(P = 0.01) samples.
§ P < α of 0.05 when comparing oxidized A1 to A3 (P = 0.00) and A2 to A3 (P =
0.01) only.
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Table 13. Incubation postconditioning N concentrations (A2 [N]), mineralization (N min), and nitrification (Nnitri)
for all reduced and oxidized samples (± = SEM)
Treatment
Zone
A2 [N]
Nmin
% Nmin†
Nnitri‡
% Nnitri§
-2
-2
-1
-2
-1
gNm
g N m yr
g N m yr
407.97 ± 16.26
5.77 ± 1.74
1.42
-0.40 ± 0.00
0.00
Distichlis
Reduced
Juncus
420.15 ± 25.03
7.97 ± 0.96
1.9
-0.38 ± 0.00
0.00
Typha
525.39 ± 32.44
5.47 ± 2.73
1.04
-0.00 ± 0.00
0.00
Distichlis
435.30 ± 27.32
12.02 ± 3.12
2.76
12.06 ± 3.14
2.77
Oxidized
Juncus
471.28 ± 38.05
8.87 ± 1.70
1.88
8.77 ± 1.73
1.86
Typha
478.58 ± 49.02
5.35 ± 1.74
1.12
5.18 ± 1.66
1.08
† Potential % N mineralized per yr ((Nmin/A2 [N])*100) depending on soil aeration status for the Distichlis,
Juncus, and Typha zones.
‡ Significant difference between oxidized and reduced samples based on fixed two-factor nested ANOVA
analysis (p = 0.00, α = 0.05).
§ Potential % N utilized for nitrification per yr ((Nnitri/A2 [N])*100) depending on soil aeration status for the
Distichlis, Juncus, and Typha zones.
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Figure 10. NH4+ and NO3- concentrations for the 0-50 cm of each zone. Fixed two-factor nested ANOVA analyses
indicated that there were significant differences between the top 0-25 cm to the bottom 25-50 cm for both
NH4+ (P = 0.00) and NO3- (P = 0.01). Additionally, single-factor ANOVA and Tukey analyses of NH4+
for the 0-25 cm section indicated a significant difference (P = 0.00) when comparing the Distichlis to the
Juncus zones, and the Distichlis and Typha zones. For the bottom 25-50 cm section, significant
differences were found when comparing NH4+ concentrations between the Distichlis and Typha zones
and the Juncus and Typha zones.
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Figure 11. Regression analysis investigating the relationship between soil salinity and microbial biomass N (A) and
soil pore water salinity and O horizon depth (B) for the three dominate halophytic communities within
SCM. Results indicate significant direct relationships (R2 = 0.99, and P < 0.05) exists for both analyses.

Figure 12. Regression analyses indicating significant direct relationships (R2 = 0.99, and P < 0.05) between
nitrification and mineralization for the incubated oxidized samples (A), the initial extractable NO 3- and N
mineralization for the incubated reduced samples (B), and the N 2O efflux and N mineralization for the
incubated reduced samples (C).
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